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EXECUTIVE SUMMARY 
 

In October 2008 the University of California at Santa Barbara (UCSB) initiated in-
vestigations of water column methane oxidation in methane hydrate environments, 
through a project funded by the National Energy Technology Laboratory (NETL) en-
titled: assessing the efficacy of the aerobic methanotrophic biofilter in methane hydrate 
environments.  This Final Report describes the scientific advances and discoveries 
made under this award as well as the importance of these discoveries in the broader 
context of the research area.  

Benthic microbial mats inhabit the sea floor in areas where reduced chemicals 
such as sulfide reach the more oxidizing water that overlies the sediment.  We set out to 
investigate the role that methanotrophs play in such mats at locations where methane 
reaches the sea floor along with sulfide.  Mats were sampled from several seep envi-
ronments and multiple sets were grown in-situ at a hydrocarbon seep in the Santa Bar-
bara Basin.  Mats grown in-situ were returned to the laboratory and used to perform 
stable isotope probing experiments in which they were treated with 13C-enriched me-
thane.  The microbial community was analyzed, demonstrating that three or more mi-
crobial groups became enriched in methane’s carbon: methanotrophs that presumably 
utilize methane directly, methylotrophs that presumably consume methanol excreted by 
the methanotrophs, and sulfide oxidizers that presumably consume carbon dioxide re-
leased by the methanotrophs and methylotrophs.  Methanotrophs reached high relative 
abundance in mats grown on methane, but other bacterial processes include sulfide 
oxidation appeared to dominate mats, indicating that methanotrophy is not a dominant 
process in sustaining these benthic mats, but rather a secondary function modulated by 
methane availability.  

Methane that escapes the sediment in the deep ocean typically dissolved into the 
overlying water where it is available to methanotrophic bacteria.  We set out to better 
understand the efficacy of this process as a biofilter by studying the distribution of me-
thane oxidation and disposition of methanotrophic populations in the Pacific Ocean.  We 
investigated several environments including the basins offshore California, the continen-
tal margin off Central America, and the shallow waters around gas seeps.  We suc-
ceeded in identifying the distributions of activity in these environments, identified poten-
tial physical and chemical controls on methanotrophic activity, we further revealed de-
tails about the methanotrophic communities active in these settings, and we developed 
new approaches to study methanotrophic communities.   These findings should improve 
our capacity to predict the methanotrophic response in ocean waters, and further our 
ability to generate specific hypotheses as to the ecology and efficacy of pelagic metha-
notrophic communites.   

The discharge of methane and other hydrocarbons to Gulf of Mexico that fol-
lowed the sinking of the Deepwater Horizon provided a unique opportunity to study the 
methanotorphic biofilter in the deep ocean environment.  We set out to understand the 
consumption of methane and the bloom of methanotrophs resulting from this event, as a 
window into the regional scale release of gas hydrate under rapid warming scenarios.  
We found that other hydrocarbon gases, notably propane and ethane, were preferred 
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for consumption over methane, but that methane consumption accelerated rapidly and 
drove the depletion of methane within a matter of months after initial release.  These 
results revealed the identity of the responsible community, and point to the importance 
of the seed population in determining the rate at which a methanotrophic community is 
able to respond to an input of methane. 

Collectively, these results provide a significant advance in our understanding of 
the marine methanotrohic biofilter, and further provide direction and context for future 
investigations of this important phenomenon.  This project has resulted in fourteen pub-
lications to date, with five more circulating in draft form, and several others planned. 
 
PUBLICATIONS ARRISING FROM THIS AWARD: 
 
1.  Mau S, Heintz MB, Kinnaman FS, Valentine DL (2010) Compositional variability and air-sea 

flux of ethane and propane in the plume of a large, marine seep field near Coal Oil Point, 
CA. Geo-Marine Letters 30: 367-378. 

2.  Redmond MC, Valentine DL, Sessions AL (2010) Identification of Novel Methane-, Ethane-, 
and Propane-Oxidizing Bacteria at Marine Hydrocarbon Seeps by Stable Isotope Probing. 
Applied and Environmental Microbiology 76: 6412-6422. 

3.  Valentine DL (2010) Measure methane to quantify the oil spill. Nature 465: 421-421. 
4.  Valentine DL, Kessler JD, Redmond MC, Mendes SD, Heintz MB, et al. (2010) Propane 

Respiration Jump-Starts Microbial Response to a Deep Oil Spill. Science 330: 208-211. 
5.  Valentine DL, Reddy CM, Farwell C, Hill TM, Pizarro O, et al. (2010) Asphalt volcanoes as a 

potential source of methane to late Pleistocene coastal waters. Nature Geoscience 3: 
345-348.  

6.  Valentine, DL.  (2010) An opportunity to assess the behavior of methane released in the 
deep ocean. Fire in the Ice 10 (2)5. 

7.  Valentine DL (2011) Emerging Topics in Marine Methane Biogeochemistry. Annual Review 
of Marine Science, Vol 3 3: 147-171 

8. *Kessler JD, *Valentine DL, Redmond MC, Du MR, Chan EW, et al. (2011) A Persistent 
Oxygen Anomaly Reveals the Fate of Spilled Methane in the Deep Gulf of Mexico. 
Science 331: 312-315. *Kessler and Valentine are co-first authors  

9.  Pack MA, Heintz MB, Reeburgh WS, Trumbore SE, Valentine DL, et al. (2011) A method for 
measuring methane oxidation rates using low-levels of (14)C-labeled methane and 
accelerator mass spectrometry. Limnology and Oceanography-Methods 9: 245-260. 

10. Redmond MC, Valentine DL (2011) Natural gas and temperature structured a microbial 
community response to the Deepwater Horizon oil spill. Proceedings of the National 
Academy of Sciences of the United States of America. Doi:10.1073/pnas.1108756108 

11.  Mau S, Heintz MB, Valentine DL  (2011) Quantification of CH4 loss and transport in 
dissolved plumes of the Santa Barbara Channel, California. Continental Shelf Research 
32, 110-120. doi:10.1016/j.csr.2011.10.016 

12.  Ryerson T, Camilli R, Kessler J, Kujawinski EB, Reddy CM, et al. (2012) Chemical composition 
measurements quantify Deepwater Horizon hydrocarbon emissions and distribution in 
the marine environment. Proceedings of the National Academy of Sciences, USA. 
doi/10.1073/pnas.1110564109 
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13.  Heintz MB, Mau S, Valentine DL (2012) Physical Control on Methanotrophic Potential in 
Waters of the Santa Monica Basin, Southern California. Limnology and Oceanography 
57(2) 420-432. doi:10.4319/lo.2012.57.2.0420 

14.  Valentine DL, Mezić I, Maćešić S, Črnjarić-Žic N, Ivić S, et al. (2012) Dynamic auto-
inoculation and the microbial ecology of a deep water hydrocarbon irruption. 
Proceedings of the National Academy of Sciences of the United States of America. 
doi/10.1073/pnas.1108820109   

 
Manuscripts Submitted or in Draft Form: 
 
Farwell CA, MB Heintz, AL Sessions and DL Valentine (in preparation for Geochimica et Cosmo-

chimica Acta) Stable isotope probing for lipids of marine methanotrophs using deute-
rium and carbon-13.    

Heintz MB, JW Pohlman, SC Bagby, M Elvert, MJ Wooler, C Ruppel and DL Valentine (in prepara-
tion for PLoS ONE) Enhanced Methane Consumption in Ice Covered Arctic Lakes. 
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ted in revised form) Methane oxidation in the eastern tropical north Pacific water col-
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plied and Environmental Microbiology) Methane-oxidizing bacteria shunt carbon to mi-
crobial mats at a marine hydrocarbon seep         

Redmond MC, PA Tavormina, VJ Orphan and DL Valentine (in preparation for Applied and Envi-
ronmental Microbiology) Dynamics of Hydrocarbon Monooxygenase Genes in the Deep 
Ocean Following the Deepwater Horizon Spill.    
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Chapter 1. Methanotrophy in Microbial Mats 
 
 
Preface: In this section we describe results relating to our studies on methanotrophic 
microbial mats.  The most informative experiments are presented, and we provide some 
context in the form of comparison to environmental samples.  This work relates to Tasks 
2-5 in our original proposal and is currently being prepared for submission to the peer 
reviewed literature with a working title and author list as follows:   
 
Working Title:  Methane-oxidizing bacteria shunt carbon to microbial mats at a marine 
hydrocarbon seep 
 
Author List: Blair G. Paul, Dr. Haibing Ding, Dr. Sarah C. Bagby, Dr. Molly C. Redmond, 
Dr. Gary L. Andersen, and Dr. David L. Valentine 
 
Summary: Methane can support marine bacterial productivity via direct coupling to 
oxygen, or by oxidation of methane-converted products.  Still, few studies have identi-
fied a network of viable bacteria associated with carbon produced from methane oxida-
tion. We analyzed the abundance and natural isotope composition of fatty acids and 
used DNA stable isotope probing (DNA-SIP) to assess the incorporation of methane-
derived carbon by microbial mats grown from an active gas vent at Shane Seep, in the 
shallow Coal Oil Point seep field off Santa Barbara, CA.  Monounsaturated hexadeca-
noic (16:1) fatty acids were shown to be abundant and 13C-depleted in the environmen-
tal samples, suggesting that methane carbon contributes to a large fraction of mat bio-
mass.  Members of the methanotrophic family Methylococcaceae were indicated by SIP 
as major 13CH4 consumers, with additional 13C incorporation by relatives of Methylopha-
ga and Sulfurovumaceae, likely as secondary consumers of methane-derived organic 
matter and CO2, respectively.   PhyloChip assays showed that sulfide-oxidizing ε-
proteobacteria and methylotrophic γ-proteobacteria were the most abundant mat resi-
dents. This study demonstrates the rapid percolation of methane’s carbon through 
trophic interactions among aerobic bacteria at hydrocarbon seeps.   
 
INTRODUCTION 

Benthic microbial mats often exist near sources of reduced chemicals along the 
sea floor.  These mats are typically filamentous and composed of sulfide oxidizing bac-
teria, including Beggiatoa, Thioploca, Sulfuovum, and Sulfurimonas (12, 25, 26, 39).  
Lipid biomarker evidence has previously been used to imply that bacteria actively con-
sume methane in microbial mats from Shane Seep at Coal Oil Point, offshore Goleta, 
CA (10).  This shallow hydrocarbon seep emits 1900-3300 m3 of gas per day (7, 38).  
Previous studies have shown changes in bacterial communities with increasing concen-
trations of dissolved hydrocarbons within Shane Seep sediments (21, 31).  Ding and 
Valentine (2008) found δ13C depleted 16:1 fatty acids measured close to the δ13C signa-
ture of methane gas at Shane Seep, suggesting that mats from a shallow hydrocarbon 
seep harbor aerobic methanotrophs.  Microbial mats have been shown to harbor both 
anaerobic methanotrophs in the Black Sea (2, 20, 36), and aerobic methanotrophs in 
hydrothermal vent and cave systems (8, 16).  Aerobic methanotrophs may support a 
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diverse bacterial community in microbial mats, while consuming significant amounts of 
methane. 

Aerobic methanotrophs are a key control in the flux of methane from the ocean to 
the atmosphere (32).  Aerobic bacteria that metabolize methane directly or utilize methyl 
biproducts of methane oxidation (e.g. methanol) are known as methanotrophs and me-
thylotrophs, respectively (13, 23).  Methanotrophs and methylotrophs are of ecological 
significance, contributing to primary production from methane and its derivatives, and in 
turn, supporting heterotrophic bacteria and eukaryotes in a range of marine communi-
ties (4, 6, 13).  Although benthic microbial mats are often located at hydrocarbon seeps, 
aerobic methanotrophs have not been shown to actively metabolize methane in micro-
bial mats at marine hydrocarbon seeps.   

Bacterial populations supported in microbial mats at Shane Seep remain uniden-
tified.  We first sought to examine the variation in mats growing at Shane Seep, includ-
ing lipid compositions and stable carbon isotope ratios compared with isotope signa-
tures of seep gases, CO2 and CH4.  We employed PhyloChip 16S rRNA gene microar-
rays to characterize the taxonomic composition of environmental mat samples from 
Shane Seep.  Stable isotope probing (SIP) can be employed to track the incorporation 
of isotope-labeled substrates, such as 13C-methane into biomass (27, 29).    Organisms 
consuming 13CH4 incorporate heavy carbon into their DNA to become enriched with the 
isotopic label and separable from the DNA of other organisms.  This method assumes 
that an optimal time point, at which substrate metabolism is incorporated into the nucleic 
acid of an organism of interest, can be reached during incubation.  To target the direct 
and indirect consumers of methane in these mats, we tracked variation in taxonomic 
structure during 13CH4-ammended incubations.  These approaches were collectively 
aimed at identifying both organisms responsible for direct oxidation of methane and or-
ganisms utilizing methane-derived carbon, while residing in the seep mats.   
 
MATERIALS AND METHODS 
Study Site  
 Our study site, known as Shane Seep, is located in the Coal Oil Point (C.O.P.) 
Seep Field offshore Goleta, CA (Table 1).  Shane Seep exhibits a continuous flux of hy-
drocarbon gases, which have been the subject of several geochemical studies (7, 19, 
38).  Naturally occurring microbial mats were grown during in situ incubations at Shane 
Seep (referred to as “Environmental/Seep”), while some mats were subsequently used 
for ex situ SIP incubations with 13C-methane (referred to as “Experimental/SIP”)  (Table 
2).   
 
Environmental - Sampling.  
 In order to study microbial mats under natural seep conditions, we deployed an in 
situ benthic growth device that allowed mat growth and removal for geochemical ana-
lyses or ex situ incubations. Growth surface modules with one rough side (10cm × 
10cm) were affixed to a larger mounting plate (60cm x 60cm) and positioned over an 
active gas vent at Shane Seep (Figure 1A).  Additionally, a duplicate growth device was 
positioned 30m from the seep field.  Any biomass recovered from the device outside the 
seep field served as a control to compare with Shane Seep mat biomass.  The benthic 
growth device was deployed for a 14-week in situ growth experiment.  Mats developed 
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without sampling for two weeks, after which SCUBA divers retrieved samples weekly 
(Figure 1B). Samples were transported to the laboratory in sealed containers with sea-
water collected at the in situ growing location.  Mats were stored at in situ tempera-
ture(12 °C) until processed (same day;as below).  After 14 weeks of sample retrievals, a 
large offshore storm occurred and resulting wave action mangled the benthic growing 
deployment (Figure 6).  This event marked the endpoint for in situ/environmental sam-
pling in 2007.  
 
Environmental - Elemental and Fatty Acid Analyses.  
 Elemental analysis (C, %H, %N, and %S, by weight) was conducted on Seep 
Mat samples using a CEC 440HA automated organic elemental analyzer (Exeter Analyt-
ical).  Fatty acids were extracted from microbial mat samples obtained from the in situ 
growth experiments.  Fatty acid extraction procedures were conducted according to 
Ding and Sun (9).  Briefly, microbial mat was scraped from individual growth plate mod-
ules, before extraction with methanol and methylene chloride - methanol (2:1 v/v).  Fatty 
acids were processed using an HP-5890 series II GC and concentrations were deter-
mined with an HP-3396 series III integrator, as previously published (10). Fatty acids 
were heated them with BF3/Methanol to form fatty acid methyl-esters (FAMEs) for GC 
analysis.  The isotope ratios of fatty acids were calculated based on isotope ratio of 
FAMEs and methanol. 

Stable isotope ratios (δ13C, δ15N, δ34S) were measured by GC-IRMS at the UC 
Santa Barbara Marine Science Institute Analytical Laborartory (Thermo Finnigan), as 
previously published (10).  The system was run with helium carrier gas, at a flow rate of 
1.0 mL/min.  FAME compounds were oxidized with Cu/Ni/Pt wire at 950°C via GC com-
bustion.  The oxidized compounds were converted to CO2 and measured by IRMS rela-
tive to a CO2 standard (Air Liquid).   

 
Environmental - DNA Extraction and PCR.  

Microbial DNA was extracted from a SIP-dedicated microbial mat using a bead 
beating and spin column protocol (Fast DNA SPIN for Soil, MP Biomedicals). PCR was 
conducted with universal bacterial primers: 27F (5’- AGAGTTTGATCCTGGCTCAG -3’) 
and1492R (5’- GGTTACCTTGTTACGACTT -3’).  PCR product was cleaned using the 
SV Wizard PCR Cleanup Kit (Promega) and quantified using a BioAnalyzer 2100, with 
high sensitivity dsDNA reagent kits (Agilent Biosciences).   

 
Environmental - PhyloChip Assays.  
 High-density 16S rRNA gene G2 custom microarrays (3) were used to examine 
the microbial community structure of seep mat samples.  The G2 PhyloChip targets 
~300,000 sequence probes to assay microbial diversity at the sub-family and OTU level.  
PhyloChip processing was conducted at Lawrence Berkeley National Laboratory (LBNL) 
as previously described (3).  Briefly, the 16S rRNA gene was PCR amplified from tem-
plate mat DNA and quantified by gel electrophoresis.  Sample PCR product (500 ng) 
was spiked with an internal amplicon mixture of known concentrations (standard).  The 
pooled product and standard was fragmented using DNAse, and the fragments were 
biotinylated and hybridized °(48 C) to array probes overnight.  The chips were washed, 
stained, and scanned, and CEL files were used for analysis.   
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 Hybridization scores for each chip were scaled to the standard, then log2-
transformed. The detailed criteria for scoring the probe hybridization scores were de-
scribed elsewhere (3, 14).  OTU and higher level taxa selection for G2 data analysis fol-
lowed Hazen et al. (2010), though for G2 arrays, PhyCA parameters (Stage1 and 
Stage2) were selected to give results similar to the previously used CEL analysis 
pf>=0.9 parameter for scoring an OTU present.  To be scored ‘present’, an OTU had to 
meet the following thresholds: Stage 1 rQ1≥0.379, rQ2≥0.565, rQ3≥0.82, and pf>=0.93.  
Passing OTU were then evaluated for cross-hybridization potential (Stage 2 analysis).  
In Stage 2, a cutoff point of rxQ3 values>=0.515 was employed, and those subfamilies 
that passed this criteria were designated ‘present’ and used for relative richness com-
parisons. OTU within the passing subfamilies were used for relative abundance compar-
isons.  The hybridization scores for OTU not called present in a sample were reassigned 
a zero value. 
 
Experimental - CH4 SIP Incubations.  
 Stable isotope DNA-probing (DNA-SIP) enrichments were conducted with microbi-
al mat samples recovered from a benthic growth deployment at Shane Seep, on Sep-
tember 3, 2008.  SIP-dedicated mats were grown in situ for 11 weeks, prior to retrieval 
for laboratory incubations.  Samples were collected in sealable containers, with seawa-
ter from Shane Seep, and immediately stored near in situ temperature (12°C) before 
incubations began (same day). During incubation, mats were enriched with 13C-labeled 
methane as a metabolic substrate, while parallel controls were incubated with 12CH4.  
Incubations lasted up to 142 hours, and were conducted in the dark, at in situ tempera-
ture, in re-sealable tedlar septum bags.  Mat samples were kept under 250ml of seawa-
ter from Shane Seep, and an initial 170ml headspace gas mixture was provided, includ-
ing methane (3.9-4.9%), oxygen (18.8-19.5%), nitrogen (74.6-77.2%), and carbon dio-
xide (0.1-1%), at atmospheric pressure (1atm).  Methane consumption and carbon dio-
xide production were monitored throughout the incubations by thermal conductivity de-
tector gas chromatography (GC-TCD), using a 3000A MicroGC (Agilent).  Conversion of 
13C into microbial biomass was measured using a Thermo-Finnigan gas chromatogra-
phy Isotope Ratio Mass Spectrometer(Marine Science Analytical Lab, UC Santa Barba-
ra). 
 
Experimental - DNA Extraction and Density Separation.  
 Nucleic acids were purified (as above) from 13CH4 SIP, 12CH4 control, and 
time=0(“t=0”) samples harvested after 111 hours.  We separated DNA by density via 
ultracentrifugation of SIP and t=0 samples in a solution of cesium chloride (27).  The 
12CH4 incubation DNA was not fractionated, to compare SIP and t=0 density fractions 
with non-fractioned DNA.  We recovered twelve fractions from each sample’s density 
gradient.  DNA was quantified from the fractions using the Bioanalyzer High-Sensitivity 
dsDNA kit (Agilent Biosciences).   
 
Experimental - Clone Sequencing and PhyloChip Assays.   

SIP fractionated DNA and non-SIP unfractionated DNA was subjected to 16S 
rRNA gene amplification, followed by sequencing of cloned amplicons or use of ampli-
cons for PhyloChip analysis.  Cloning was performed using a PCR Cloning Kit (Qiagen).  
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Plasmid purification and sequencing was done at the U.C. Berkeley DNA Sequencing 
Facility.  Clone library sequences were assessed for quality and assembled using 
Geneious (v.5.5.6;Biomatters Ltd.).  Sequences were screened for putative chimeras 
first using the Mothur tool, Chimera Slayer (33).  We additionally looked for chimeras 
with Mallard (1) and manually scanned BLAST alignments of all sequences with sus-
pected chimeras.  Putatively chimeric sequences were discarded before further clone 
library analysis.  16S rRNA taxonomy was assigned to clone library sequences at the 
family level and representative sequences were obtained using the RDP SeqMatch tool 
(37).  Clone library sequences were compared via ClustalW global alignment (22) with 
representative sequences of methanotrophs for PhyloChip OTUs that were indicated as 
13C-enriched by SIP.  
Terminal restriction fragment length polymorphism (T-RFLP) profiling was conducted 
from amplified 16S rDNA, however these data did not offer additional information about 
taxonomic composition beyond what was ascertained from clone sequences and Phy-
loChip analysis.      
 Whereas only two SIP fractions (1.707g/ml and 1.731g/ml) were analyzed through 
clone library sequencing, seven fractions (1.697g/ml-1.763g/ml) were assessed using 
PhyloChip.  Additionally, we employed PhyloChip to assess one t=0 fraction (1.753g/ml) 
and the unfractioned 12CH4 incubation DNA. 
 To determine the grouping of PhyloChip OTU scores from SIP fractions (seven in-
cubation fractions and one t=0 fraction), hybridization scores were subjected to hierar-
chical clustering by average-linkage with the R package, Vegan (28).  Clustering was 
performed on euclidean distances among SIP fractions, derived from hybridization val-
ues of OTUs that met detection criteria in all SIP fractions and all SEEP samples.  We 
also assessed the structuring of SIP fractions clustering from OTUs that were most ab-
undant (top 10) in at least one of the three SEEP samples.  To infer the significance of 
each cluster, we assessed approximately unbiased bootstrap resampling p-values, us-
ing the R package, pvclust (34).  This approach helped to indicate the following groups: 
high-density 13C-enriched fractions; high-density non-enriched fractions; and low-density 
non-enriched fractions.  A taxon was assigned membership as “13C-enriched” if it 
passed the following PhyloChip criteria: i) the OTU ranked among the top 10 OTUs in 
one of the putatively 13C-enriched fractions; ii) the OTU hybridization score was higher 
for the enriched fractions than all non-enriched fractions.  Conversely, a taxon was con-
sidered “non-enriched” if: i) it exhibited high abundance (ranked top 10) in one of the 
low-density, non-enriched fractions; ii) the OTU hybridization score exceeded the values 
from all 13C-enriched fractions.   
 
Nucleotide sequence accession numbers.   
 Sequences from the SIP 16S rDNA clone libraries were submitted to the GenBank 
database, under the accession numbers JX567952 to JX568074. 
 
RESULTS 
Environmental - Fatty Acids, Elemental Compositions, Stable Isotopes.  

Whereas microbial mats were visible on each plate recovered from within the 
seep field, none of the control plates, deployed 30m outside of the seep, exhibited any 
mat growth.  We extracted lipids from all 14 SEEP samples and detected 25 unique fat-
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ty acids; 12 of 25 fatty acids exceeded 5% abundance in at least one SEEP sample 
(Tables 2 & 3).  The saturated and unsaturated forms of hexadecanoic acid comprised 
the most abundant fatty acids in environmental samples (Figure 2A).  The 16:1 fatty ac-
ids were the single most abundant in 7 of 14 samples, and exhibited depleted δ13C val-
ues (< -35‰) in 4 SEEP samples (Figure 2B).  The lowest δ 13C measurements in lipids 
were from SEEP samples 3, 6, and 13, while the greatest depletion was measured from 
16:1 ω5 lipids (-49.4‰).  While 13C-depleted 16:0 lipids were found in only one sample, 
putatively identified 9-methoxy 16:0 fatty acids were depleted to δ13C < -30‰ in five 
samples, constituting fully 27% of fatty acids in SEEP 10.  Our δ13C measurements from 
total mat biomass indicated SEEP samples 3 and 6 as the most enriched and most dep-
leted, respectively (Table 4).  We chose SEEP samples 3, 6, and 7 for PhyloChip analy-
sis (below), based upon high, low, and intermediate δ13C values, respectively. 

 
Environmental - Taxonomic Composition.  

Three SEEP samples(SEEP 3, 6, and 7) were assayed via PhyloChip (G2) to 
profile the 16S rDNA-based taxonomy and corresponding relative abundances of organ-
isms in the mats.  For this study, we only addressed OTUs that were considered 
present in at least one density gradient fraction (SIP or t=0 non-SIP) and one of the 
three Seep Mat samples.  A total of 838 OTUs, corresponding to the subfamily tax-
onomic level, met the detection criteria.  The PhyloChip’s hybridization intensities for 
each OTU probe set were used to infer relative abundances of each taxon detected in 
the mats (summarized in Table 5).  
The abundant taxa in each of the Seep Mat samples were predominantly comprised of 
sulfide-oxidizing bacteria, methylotrophs, and methanotrophs.  The most abundant rep-
resentatives of these metabolic niches belong to the taxonomic groups Sulfuricurva-
ceae, Methylophaga, and Methylococcaceae, respectively.  OTUs representing the 
Pseudomonadaceae family contributed to 41% of all 838 OTUs detected (data not 
shown) from the SIP and Seep Mat assays, including some representatives at high ab-
undance in Seep Mat 6 and Seep Mat 7. 
 
Experimental - CH4-SIP Enrichments.   

After growing at Shane Seep for 11 weeks, microbial mats were retrieved and 
subjected to laboratory methane enrichment incubations.  Stable isotope-probing incu-
bations were administered 13CH4, while control incubations were run with 12CH4 (e.g., 
natural abundance) to compare the relative incorporation of isotopically enriched me-
thane into biomass and DNA.  We tracked headspace gases CH4, CO2, and O2 during 
our 111-hour stable isotope-probing incubations (Figure 3), finding similar patterns in 
13C-CH4 experimental incubations and 12C-CH4 controls.  Pseudoreplicate experimental 
incubations harvested at 4, 98, and 142 hours showed a time-dependent increase in 
biomass 13C content, while 13C content in pseudoreplicate controls was unchanged 
(Figure 7). 
 
Experimental - Taxonomic Composition.  

We examined the association of seep mat residents with methane-derived car-
bon by profiling the stable isotope-probed 16S rDNA from mat samples, using clone se-
quence analysis and PhyloChip assays.  We analyzed clone libraries from SIP fractions, 
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SIP-2 (1.707g/mL) and SIP-4 (1.731g/mL), finding evidence suggestive of density-
driven taxon abundance shifts (Figure 8). The greatest difference marked by abundance 
in fraction SIP-2 over SIP-4, was attributed to the family Rhodobacteraceae.  Se-
quences with nearest similarity to the family Methylococcaceae accounted for the most 
pronounced abundance difference, dominating fraction SIP-4 over SIP-2.  Using Phylo-
Chip analysis of the SIP gradient, we sought to confirm the density-based abundance 
shifts for these taxa and determine which differences were driven by 13C-enrichment. 

Among 12 fractions from the 13C-SIP gradient, seven fractions (from 1.697g/mL 
to 1.763g/mL;SIP-1 – SIP-7) were selected for PhyloChip analysis, based on the ability 
to amplify appreciable PCR product from the 16S rRNA gene. Additionally, one t=0 frac-
tion (non-enriched;1.753g/mL) was compared with the seven SIP fractions using Phylo-
Chip.  We used hierarchical clustering analysis of each fraction’s OTU hybridization 
scores to interpret PhyloChip patterns between SIP-DNA fractions and identify taxa in-
volved in 13C enrichment  (Figure 4).  The first grouping that emerged from clustering 
included fractions SIP-4 (1.731g/mL) and SIP-5 (1.741g/mL; highest density).  Grouping 
apart from SIP-4 and SIP-5, were the fractions of lowest density (SIP-1, SIP-2, and SIP-
3;1.697-1.719g/mL) and a separate group of fractions marked by higher density (SIP-6, 
SIP-7, and t=0;1.753-1.763g/mL).  The same clustering structure was maintained for a 
subset of taxa that included the dominant OTUs, based on top-10 abundance in the en-
vironmental SEEP samples.   

OTUs driving similarity between fractions SIP-1 and SIP-2 (low density) and dis-
similarity to denser fractions were characterized as “non-enriched”.  The separation of 
fractions, SIP-6, SIP-7, and t=0, from lighter fractions suggested a density-driven pat-
tern was exhibited by some taxa, which could naturally consist of heavier DNA or may 
have been enriched with 13C label.  Fraction SIP-5 appeared more similar to SIP-1, SIP-
2, and SIP-3 than to denser fractions.  OTUs driving similarity between SIP-4, SIP-5 and 
lighter fractions could include taxa that were partially 13C-enriched, which naturally con-
tain lighter DNA.  Association with 13C-enrichment was therefore not attributable to the 
highest-density SIP fractions.  We characterized OTUs as “putatively 13C-enriched” if 
they were dominant in fractions SIP-4 and SIP-5 and by contrast, showed low abun-
dance in fractions SIP-1, SIP-2, and t=0.  However, OTUs that showed abundance in 
fractions SIP-3, SIP-6 and SIP-7 could not be positively attributed to 13C-enrichment. 

A group of PhyloChip taxa were characterized by greater abundance in the two 
lightest SIP fractions (1.697g/mL and 1.707g/mL) compared with the putatively 13C-
enriched fractions (Figure 5B).  This group included OTU representatives of the family 
Pseudomonadaceae, the genus Marinobacter and the genus Rhodobacter.  Conversely, 
a group of PhyloChip taxa was identified by peak abundance in the putatively 13C-
enriched fractions, SIP-4 and SIP-5, which included members of the methanotrophic 
family Methylococcaceae and the methylotrophic genus Methylophaga.  Representative 
OTUs of these two taxa exhibited the greatest shift from low abundance in non-enriched 
SIP fractions to the highest abundance in the putatively enriched fractions (Figure 5A).  
A similar, but weaker abundance shift was observed for Cytophaga (OTU 8205), Methy-
lococcaceae (OTU 1355), Saprospiraceae (OTU 8048), and Sulfurovumaceae (OTU 
5283); we classified these three taxa as “partially enriched”.  The two Methylococca-
ceae OTUs representing known methanotrophs that were putatively 13C-enriched were 
compared with SIP clone library sequences.  The PhyloChip representative sequences 
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for these two Methylococcaceae subfamily OTUs shared >95% similarity with 24 se-
quences from the SIP clone library.  Whereas the dominant Methylococcaceae subfami-
ly among SIP PhyloChips (OTU 1537) and its closest clone library match were 95.2% 
identical, OTU 1355 showed >96% identical sites aligned with each of the 24 related 
clone sequences(>98% identity shared with 19 of 24 sequences). 
 
DISCUSSION: 
Factors driving variability in seep mats.  

The spatial variation of mat composition is quite apparent from visual inspection 
of samples alone.  Mats range from thin, sheet-like biofilms to filamentous structures.  
Mats also exhibit variation in color, including green, brown, and white.  These differenc-
es are observed across individual mats and between different mat samples, and are 
likely influenced by the proximity and path of venting gas.  Some temporal variation in 
mat composition is apparent from both visual observation and fatty acid profiles; envi-
ronmental/SEEP samples retrieved during the last three weeks of in situ growth were 
predominantly composed of white filamentous mats and exhibited high concentrations 
of 13C-depleted (< -30‰) 16:1 lipids.  The abrupt disruption of mat growth by an off-
shore storm illustrates how these communities are subject to dynamic physical factors 
expected to influence any shallow benthic community.  The morphological variations are 
accompanied by variations in taxonomic composition.  Whereas some taxa, including 
sulfide-oxidizing bacteria (Sulfurovumaceae; Sulfuricurvaceae) and methanotrophs (Me-
thylococcaceae), are evidently dominant across all PhyloChip assays of environmental 
samples, others show greater fluctuation—namely the genus Methylophaga, and the 
family Pseudomonadaceae.  Populations represented by these taxa may account for 
the variability among lipid profiles found in the seep mat samples.  

 
Constraints of the SIP approach.  

Stable isotope probing of a complex microbial community aims to target 13C-
substrate assimilation by a subset of organisms that become enriched in “heavy” DNA 
fractions compared to “light” DNA fractions (27, 29).  Clustering of PhyloChip abun-
dance differences across a SIP gradient helped to clearly identify heavy fractions, 
grouping separately from light and heavy-control fractions, and indicate the association 
with 13C uptake.  However, it is more difficult to infer 13CH4 utilization from taxa that are 
enriched in both the heavier SIP fractions and the control “heavy” fraction.  It is there-
fore possible that some organisms, with high genomic or 16S rDNA G+C% (or both), do 
not meet our criteria to be considered 13CH4 labeled. 

 
Direct assimilation of methane carbon.  

Methanotrophic bacteria that belong to the family, Methylococcaceae, are 
present in microbial mats at Shane Seep. Using SIP, we identified two metabolically ac-
tive taxa among the 12 Methylococcaceae subfamilies found in our mat samples (in-
cluding SIP fractions).  The SIP experiment indicates that members of the Methylococ-
caceae subfamily are responsible for assimilation of methane to biomass in the microbi-
al mats.  Though PhyloChip OTU 1537 appears to represent to the more abundant me-
thanotrophic population by PhyloChip assay alone, OTU 1355 was shared greater simi-
larity with all Methylococcaceae-related SIP clone library sequences. This PhyloChip vs. 
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clone sequence discrepancy might result from hybridization by the two closely related 
probe sets with DNA from one bacterial population. Cross-hybridization of DNA to the 
OTU probe sets can be evidenced by similar PhyloChip abundance trends across sam-
ples, as detected from these two Methylococcaceae-related OTUs from our SIP frac-
tions.  Still, PhyloChip succeeds at elucidating a 13C-enrichment pattern that can be 
generally assigned to the Methylococcaceae family, while comparison with clone library 
sequences provides better identification of the specific OTU responsible for 13CH4 up-
take.  Detection of 13C-depleted 16:1 fatty acids (δ < -35‰) in 5 samples from Shane 
Seep supports the claim that Gammaproteobacteria-classified methanotrophs actively 
convert methane-derived carbon to biomass.  

 
Indirect utilization of methane-derived carbon. 

Mat samples collected during the 14-week growth experiment exhibit fluctuations 
in abundant fatty acids with more depleted δ 13C values than those detected by Ding 
and Valentine (10).  Fatty acids 16:1 and 16:0 in particular showed greater 13C-depletion 
compared with previously published results from Shane Seep mats.  Lipids found in ma-
rine methanotrophs tend to include a combination of 16:1 and 16:0 fatty acids, whereas 
our findings of abundant 18-carbon fatty acids (18:0 and 18:1) found in addition to 16:1 
and 16:0 might be indicative of sulfide-oxidizing Epsilonproteobacteria (17, 18, 35).  The 
association of abundant methylotrophs and autotrophic sulfide-oxidizers with 13CH4 in 
our SIP study informs our interpretation of the 13C depleted 16:0 and methoxylated 18:0 
lipids found in natural seep mat samples.  It appears that methane-derived carbon is 
available to C1 and autotrophic bacteria including methylotrophs and sulfide-oxidizers, 
in the form of methanol and CO2.  Whereas the concentrations in closed-system SIP in-
cubations are negligible before production from methane, CO2 constitutes up to 17% of 
dissolved gases at Shane Seep.  Autotrophic bacteria can therefore obtain carbon from 
either the surrounding seawater or neighboring methanotrophic bacteria. 

Our results describe non-methanotrophic bacteria as residents of Shane Seep 
mat communities, which may benefit from oxidized methane. Methylotrophic bacteria 
from the genus Methylophaga are prominent in Shane Seep mats.  PhyloChip evidence 
suggests that methylotrophic Gammaproteobacteria are not only abundant in Shane 
Seep mats, but they are also able to use carbon that is made available via methane 
oxidation.  A methane-SIP experiment with oxic-layer sediments from Shane Seep pre-
viously found that methylotrophic bacteria, including Methylophilaceae and Methylopha-
ga, were primarily involved in 13CH4 utilization, while known methanotrophs were less 
abundant (31).   By contrast, our SIP DNA-labeling experiment shows that methylo-
trophs coexist with abundant methanotrophic residents of the mat communities.  Methy-
lotrophic taxa described in these mats have not been previously shown to oxidize me-
thane and instead, use methanol as a carbon source (23).  However, the close associa-
tion with 13C-carbon in our SIP study suggests that Methylophaga are an important 
group of organisms to the processing of methane-derived carbon within these mats. 

This study supports our hypothesis that sulfide oxidizing bacteria and methano-
trophs co-inhabit the microbial mats of Shane Seep (10).  Sulfide oxidizing autotrophs 
belonging to the Epsilonproteobacteria were consistently the most abundant taxa de-
tected by PhyloChip analysis of all mat samples.  Sulfurospirillaceae, Sulfuricurvaceae, 
or Sulfurovumaceae are represented among the top 10 abundant taxa in each of the 
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environmental mat samples.  Sulfide oxidizing bacteria are often the most abundant or-
ganisms found in benthic mats in both methane seep and non-seep environments, 
where reduced sulfur diffuses upwards from underlying sediments (12, 25, 26, 39).  
However, autotrophic sulfide oxidizers had not been previously found to coexist with 
aerobic methanotrophs within a microbial mat at a marine seep.  

 
Unknown role of Pseudomonadaceae in seep mats.  

Although Shane Seep mats appear to be predominantly composed of sulfide-
oxidizing bacteria, the Pseudomonadaceae family comprises the major fraction of OTUs 
represented by a single family on the PhyloChip assays of these mats.  This may how-
ever, reflect an overrepresentation of these taxa from ribosomal RNA sequences that 
contribute to curated databases.  Though Pseudomonadaceae OTUs did not represent 
the most abundant taxa in the enriched, heavy SIP fractions, some Pseudomonadaceae 
representatives were slightly enriched in the presence of methane. It is difficult to 
attribute a specific metabolism to the actively labeled Pseudomonadaceae taxa in our 
SIP experiments.  Cross feeding by secondary consumers is a common observation of 
other methane SIP studies (16, 29, 31).  The association of Pseudomonadaceae with 
methane is likely explained by secondary consumption of either methanotroph biomass 
or metabolic biproducts.  The ability for Pseudomonas strains to fix carbon dioxide was 
previously demonstrated by 13CO2 labeling experiments (11).   Several species belong-
ing to the Pseudomonadaceae family have been shown to degrade aromatic hydrocar-
bons, including phenol, benzene, naphthalene, and other polycyclic aromatic hydrocar-
bons (5, 15, 24, 40).  It is plausible that Pseudomonas inhabitants of the Shane Seep 
mats might derive carbon from abundant aromatic hydrocarbons, CO2, or from cellular 
biomass (30).   
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Table 1. Summarized metadata for Shane Seep. 
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Table 2. Relative abundances of the 12 major FA types within the 14 seep samples.  
‘Other’ includes the minor FAs, i.e. those that never exceeded 5% abundance in any 
sample.  Percentages are calculated from relative FA concentrations by mass.   
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Table 3. δ13C values for the 12 major FA types within 14 seep samples.  The 12 FA types ex-
ceeded 5% abundance in at least one of the 14 samples.  
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Table 4. Elemental composition (relative abundance (as a weight %) of total C, S, N, H) and 
δ13C values measured from total dry biomass in each of the environmental seep samples. 
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Table 5. Rank scores of the taxa dominating environmental SEEP samples 3, 6, and 7.  Ranks are 
given for PhyloChip OTUs that were in the top 15 by hybridization intensity for SEEP 3, SEEP 
6, or SEEP 7. 
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Figure 1. A. Benthic growing surfaces (white modules) affixed on a large pvc plate that 
was positioned at Shane Seep for in situ mat growth and subsequent sampling.  B. 
SEEP samples displayed as individual growth modules (showing SEEP samples 1, 4, 7, 
and 13) collected weekly, during the environmental growth experiment at Shane Seep. 
C. Overview of mat growth, sample retrieval at Shane Seep, sample naming, and ana-
lyses performed on environmental (SEEP) and experimental (SIP) mats. 
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Figure 2. A) Relative abundance (with respect to all fatty acids detected) and B) δ13C 
values of major fatty acids 16:1 and 16:0 from each of the 14 seep samples grown at 
Shane Seep. Samples were ordered by 16:1 fatty acid abundance, in A and B. 
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Figure 3. SIP enrichment (13CH4) and control (12CH4) headspace gas consumption of 
CH4 and O2 and production of CO2 over 111-hour incubations with mats harvested from 
Shane Seep.  Values reported in mmol were calculated from molar concentrations 
measured at multiple time-points.  
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Figure 4. A hierarchical clustering dendogram, displaying the grouping of SIP density 
fractions and “t=0” fraction (1.753g/ml).  Bootstrap resampling-derrived p-values are 
shown on each node as percentages (such that p<0.05 is >95).  Average-linkage clus-
tering was performed with Euclidean distances.  The distance matrix was constructed 
from hybridization intensities of PhyloChip OTUs detected in all experimental/SIP sam-
ples and all environmental/SEEP samples.  The same structure results from clustering 
with only OTUs derived from the top 10 abundant taxa in each SEEP sample.   
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Figure 5. PhyloChip hybridization intensities are shown across experimental/SIP density 
fractions, experimental/SIP control samples, and environmental/SEEP samples.  A) 
Taxa that are distinctly abundant in13C-associated fractions (“SIP-4; 1.731g/ml” or“SIP-
5; 1.741g/ml”) compared with lower abundancesin all non-enriched fractions (“SIP-1; 
1.697g/ml”, “SIP-2; 1.707g/ml”, and “t=0; 1.753g/ml”).  Strongly enriched taxa are shown 
in the top panel; partially enriched taxa are shown in the bottom panel.  B)Taxa that are 
distinctly abundant in either of the light fractions (SIP-1; 1.697g/ml or SIP-2; 1.707g/ml) 
compared with lower abundance in both enriched fractions (“SIP-4; 1.731g/ml” and 
“SIP-5; 1.741g/ml”).  Taxa that were undetected by PhyloChip in a given fraction are 
plotted as N.D. 
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Figure 6. The dislodged benthic growing surface retrieved after a large offshore storm.  
The post-storm recovery of this device marked the end of the 14-week sampling period, 
associated with environmental “SEEP” samples.  Mangled rebar pieces (right) were 
used to secure the device, positioned over venting Shane Seep gas. 
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Figure 7. The isotope incorporation to biomass during SIP incubation is shown as a 
change in %13C above background (t=0 %13C subtracted from all values), from samples 
incubated with 13CH4 and 12CH4.  The 13CH4 incubations shown served as pseudorepli-
cates to the SIP incubation dedicated to DNA isolation (13CH4 incorporation not ana-
lyzed), as each was conducted with a separate mat sample.   
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Figure 8. Relative abundances of taxa at the family level, shown as a percent of total 
clone library sequences.  16S rDNA clone libraries were constructed from two 13C-SIP 
fractions (“SIP-4; 1.731g/ml” and “SIP-2; 1.707g/ml”).  Family-level taxonomic annota-
tions were obtained from sequence classi.Abundance differences consistent with Phy-
loChip results are indicated at the top of the graph.  For reference: PhyloChip OTUs be-
longing to Sulfurovumaceae and Sulfuricurvaceae are closest related to the families 
Campylobacteraceae and Helicobacteriaceae; OTUs belonging to the genus Methylo-
phaga are closest related to the family Piscirickettsiaceae. 
 
 
 
 

SIP-2 
1.707g/mL 

SIP-4 
1.731g/mL 
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Chapter 2. Pelagic Methanotrophy: Studies from the Pacific Ocean 
 
Preface: In this section we describe results relating to our studies on methanotrophy in 
the waters of the Pacific Ocean.  This work relates to Tasks 4-11 in our original proposal 
and includes studies from Basin settings and from the open ocean. The most informa-
tive results are presented, related to both published works and additional works in prep-
aration as follows:   
 
 Mau S, Heintz MB, Kinnaman FS, Valentine DL (2010) Compositional variability and 

air-sea flux of ethane and propane in the plume of a large, marine seep field near 
Coal Oil Point, CA. Geo-Marine Letters 30: 367-378. 

 Redmond MC, Valentine DL, Sessions AL (2010) Identification of Novel Methane-, 
Ethane-, and Propane-Oxidizing Bacteria at Marine Hydrocarbon Seeps by 
Stable Isotope Probing. Applied and Environmental Microbiology 76: 6412-
6422. 

 Valentine DL, Reddy CM, Farwell C, Hill TM, Pizarro O, et al. (2010) Asphalt 
volcanoes as a potential source of methane to late Pleistocene coastal waters. 
Nature Geoscience 3: 345-348.  

 Pack MA, Heintz MB, Reeburgh WS, Trumbore SE, Valentine DL, et al. (2011) A 
method for measuring methane oxidation rates using low-levels of (14)C-labeled 
methane and accelerator mass spectrometry. Limnology and Oceanography-
Methods 9: 245-260. 

 Mau S, Heintz MB, Valentine DL  (2011) Quantification of CH4 loss and transport in 
dissolved plumes of the Santa Barbara Channel, California. Continental Shelf 
Research 32, 110-120. doi:10.1016/j.csr.2011.10.016 

 Heintz MB, Mau S, Valentine DL (2012) Physical Control on Methanotrophic Potential 
in Waters of the Santa Monica Basin, Southern California. Limnology and 
Oceanography 57(2) 420-432. doi:10.4319/lo.2012.57.2.0420 

 Pack MA, MB Heintz, WS Reeburgh, SE Trumbore, DL Valentine, X Xu and ERM 
Druffel (submitted in revised form) Methane oxidation in the eastern tropical north 
Pacific water column.  Limnology and Oceanography. 

 Farwell CA, MB Heintz, AL Sessions and DL Valentine (in preparation) Stable iso-
tope probing for lipids of marine methanotrophs using deuterium and carbon-13. 

 
Summary: Methane released from deep marine sediments may escape to the atmos-
phere or dissolve in the overlying water where its typical nanomolar concentrations feed 
pelagic methanotrophic bacteria.  We investigated the consumption of dissolved me-
thane along the North and Central American continental margins.  Our approaches in-
cluded methane oxidation rate measurements using tritium or low levels of carbon-14, 
stable isotope probing with carbon-13 and deuterium, concentration distributions using 
in-situ mass spectrometry and gas chromatography, and included the development of 
several new analytical approaches.  Our results reveal patterns of methanotrophy 
among oceanic regimes to be primarily driven by methane availability and water mass 
history, and implicate bacterial type 1 methanotrophs as being important consumers of 
methane in the deep ocean environment.   
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INTRODUCTION 
Methane is a radiatively active greenhouse gas, with approximately 23 times the 

warming potential of CO2 (Lelieveld et al., 1993). Ocean sediments constitute a signifi-
cant global reservoir of methane, and catastrophic releases have been associated with 
major climatic events (Hinrichs et al., 2003; Kennett et al., 2000; Zachos et al., 2008). 
Methane diffuses and advects from sediments to the overlying water column along con-
tinental margins (Judd, 2003; Klemme, 1987; Kvenvolden, 2002), but only a fraction of 
this methane is emitted to the atmosphere.  The majority is consumed by microbes in 
the water column (Reeburgh, 2007) through the aerobic process of methane oxidation.   

Aerobic methane oxidation has been observed in a number of pelagic marine en-
vironments (Rehder et al., 1999; Valentine et al., 2001; Ward and Kilpatrick, 1993; Ward 
et al., 1989) and is generally credited with sustaining ocean methane concentrations in 
the nanomolar range (Reeburgh, 2007). The existence of bacteria capable of using me-
thane as a sole carbon source is well established, and these bacteria are recognized as 
either type I or type II methanotrophs based on internal membrane structure and carbon 
assimilation pathways (Hanson and Hanson, 1996). Distributions of type I and type II 
methanotrophs are known to be influenced by dissolved methane, oxygen and nitrate 
concentrations. Type I methanotrophs have been observed to dominate in marine and 
other saline environments (Bourne et al., 2000; Carini et al., 2005; Holmes et al., 1996), 
and several marine type I methanotrophs have been isolated in pure culture (Fuse et 
al., 1998; Lidstrom, 1988; Sieburth et al., 1987).  However, the factors influencing diver-
sity and activity of marine aerobic methanotrophs are still not well understood.  Several 
recent studies targeting aerobic methanotroph genetic diversity in marine sediment (Lo-
sekann et al., 2007; Wasmund et al., 2009) and water column (Tavormina et al., 2011; 
Tavormina et al., 2008) environments are consistent with the action of primarily type I 
methanotrophs. Still, little is known about the distribution, diversity or metabolism of 
bacteria responsible for attenuation of methane in marine systems, particularly for am-
bient concentrations in the nanomolar range.  These uncertainties represent fundamen-
tal gaps in our understanding of methane biogeochemistry.      

Our primary study area was in the California current, an eastern boundary cur-
rent system. The Southern California Bight is a distinctive region of this current system  
(Figure 9) , with water properties and circulation patterns influenced by both the variable 
poleward and equatorward transport of surface waters, and the poleward transport of 
deeper waters (Hickey 1998).  

The California current travels along the eastern Pacific margin from Vancouver 
Island to Baja, California. At Point Conception, a bend in the coastline causes the Cali-
fornia Current (CC) to flow further offshore, along the Santa Rosa – Cortes Ridge. As 
the current flows past the Southern California Bight, the southward flow bifurcates and, 
turning south-eastward, shoreward and then poleward, enters the borderland region 
(Jackson 1986). When poleward flow continues northward around Point Conception this 
flow is referred to as the California Countercurrent (CCC), and when waters re-circulate 
within the bight the flow is termed the Southern California Eddy (SCE) (Hickey 1998). 
Waters carried by the CC, CCC, and re-circulated in the upper water column in the SCE 
are collectively referred to as northern waters, and typically extend through the upper 
250-300 m of the water column. The composition of northern Bight waters is spatially 
and seasonally variable (Lynn and Simpson 1987). During summer months, when the 
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off-shore CC is strongest, upwelling occurs along the northern coast (Emery 1960). A 
seasonally variable mixture of this upwelled water and off-shore northern water is car-
ried into the Bight by the CCC. The composition of these waters evolves as they mix 
with upwelled southern waters from within Bight basins, and as the mixed waters are re-
circulated through the borderland region by the SCE. During fall months, the CC slows 
and a greater proportion of off-shore northern water is carried into the Bight by the CCC. 
Also at this time the SCE weakens and CCC flow is predominantly poleward. Since 
these waters are not re-circulated within the borderland, there is less mixing and com-
positional change in the northern Bight waters, and they retain a T-S signature closer to 
that of off-shore northern waters carried by the CC (Hickey 1998). 

The California Undercurrent (CUC) flows poleward along the continental margin 
below the CC, CCC, SCE current system. Deep southern waters, sourced from the 
Eastern Tropical Pacific, are carried poleward by the CUC, and mix with northern Bight 
waters in the 250-500 m depth range (Hickey 1998). Sverdrup and Fleming (1941) and 
Emery (1960) documented the mixing zone of northern and southern waters in the mid-
water column and developed an empirical relationship for determining the proportions of 
northern and southern water in this region, based on T-S characteristics. 

Here we describe the results of studies designed to better understand the con-
trols on marine methanotrophy through better understanding of the distribution of meta-
bolic rates as a function of environmental setting, the identities and interactions of the 
responsible microbes, and the time course changes in methanotrophic activity in nature.  
The SCE serves as a backdrop for most of these studies. 
 
METHODS 

Details of most our methods are available in the peer reviewed literature (see 
preface), except for the lipid stable isotope probing experiments as follows. 
 
Trilaminate bag incubations 

Incubation bags were constructed of a gas-impermeable and non-reactive trila-
minate material with polyethylene, aluminum foil, and polypropylene layers (LPS Indus-
tries Inc., Newark, NJ, USA). The bags were sealed after construction using an Impulse 
heat sealer (TEW Electric Heating Company). The bags included two ports, one for fill-
ing with seawater and one that permitted both the bleeding of residual nitrogen gas dur-
ing filling and the injection of gaseous incubation substrate. The ports were constructed 
by punching two 3/8” holes in one side of each bag. Each hole was sealed with a gas- 
and water-tight assembly consisting of a threaded nylon-barbed fitting that was inserted 
through (in this order) a Teflon washer, a Teflon-coated silicone septum, the trilaminate 
material, another Teflon-coated silicone septum, and finally a Teflon screw nut. With 
these ports open, each bag was soaked for several hours in 5% HCl, thoroughly rinsed 
with at least 2 L Nanopure water, and flushed with ultra-highpurityN2 gas for at least one 
hour prior to use.   

To decrease pressure on the bags' seams during filling, each bag was filled while 
submerged in a water bath, keeping both ports above the surrounding water level. Care 
was taken to not introduce any water from the bath into the bags. Once filled, the bags 
were moved to a storage room kept at a constant 5.5°C, approximating the in situ tem-
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perature.  Incubations were conducted for a maximum of 5 days, chosen to allow suffi-
cient label incorporation while limiting cross-feeding. 

SIP incubations were carried out using [13C]-methane (+99%, Isotec), [13C]-CO2 
(+99%, Isotec), and deuterated methane (CH3D, 98 atom % D, Sigma Aldrich).  Details 
of the incubation protocol for each site are given in Table 1. Each sample bag was al-
lowed to incubate at 5.5°C for 3 to 5 days. At the end of each incubation, water was fil-
tered through a 1.2-µm glass fiber prefilter (Whatman GF/C) and a 0.7-µm (Whatman 
GF/F) glass fiber filter using stainless steel filter holders (Sartorius). The filtered water 
was discarded and the prefilter and filter stored in separate plastic Petri dishes at -80°C 
until return to shore.   

 
Fatty acid extraction and isotope analysis 
 Biomass-laden GF/F and GF/C filters were lyophilized for 24 hours (K-series 
Lyophilizer, VirTis, Gardiner, NY). The dried filters were weighed, cut into small pieces, 
and transferred to a Teflon extraction vessel.  The GF/F and GF/C filters for each site 
were extracted together in dichloromethane (DCM)/methanol (9:1) solution using a mi-
crowave extraction system (CEM Mars 5) at 100 °C for 20 minutes with stirring. The to-
tal lipid extract was transferred into 40-ml volatile organic acid vials and evaporated to 
dryness at 40°C under N2.  It was then saponified with 0.5M NaOH in 5% NaCl/H2O, 
acidified to pH ~1 with HCl, and extracted 3x with methyl t-butyl ether (MTBE). Fatty ac-
ids were further purified from the collected extract by solid-phase extraction (Phenome-
nexSepra NH2, 0.5 g) with elution using 8 ml of 2% formic acid in DCM. Fatty acids 
were converted to their methyl esters by reacting with 10% BF3 in methanol at 70°C for 
20 minutes, and extracted three times with 10 ml hexane.  The collected extract was 
dried over anhydrous Na2SO4 and concentrated under N2 to a volume of <0.5 ml.       

Fatty acid methyl ester (FAME) structure and relative abundance were quantified 
by GC-MS using a Thermo Finnigan Trace/DSQ instrument at the California Institute of 
Technology. GC separation employed a ZB-5ms column (Phenomenex; 30 m × 0.25 
mm × 0.25 µm) with a programmable-temperature vaporization (PTV) injector. Column 
effluent was split (~80/20) between the MS and a flame ionization detector (FID) for si-
multaneous measurements. FAME abundance was calculated using FID response rela-
tive to a single internal standard, palmitic acid isobutyl ester, assuming identical re-
sponse factors. 
 Stable carbon isotope ratios (δ13C values) were measured using a Thermo Finni-
gan GC-IRMS at the Marine Science Institute Analytical Lab, University of California, 
Santa Barbara. This system used a Trace GC with an Omegawax 250 capillary column 
(Supelco; 30m × 0.25 mm x 0.25 µm) and split/splitless injector, GC combustion III inter-
face, and Delta PlusXP mass spectrometer. The GC combustion III unit catalyzes the 
oxidation of organic analytes to CO2 over Cu/Ni/Pt wire heated to 950°C, and water is 
removed through a selectively permeable Nafionmembrane. The carrier gas was helium 
with a flow rate of 1.2 ml min-1. Carbon isotope ratios are reported in the conventional 
δ13C notation as part-per-thousand (‰) variations from the Pee Dee Belemnite (VPDB) 
standard. Values of δ13C for each compound were calibrated using a CO2 working stan-
dard with a nominal δ13C value of -32.6‰.  All δ13C values were normalized to a deca-
noic acid methyl ester isotope standard obtained from Arndt Schimmelmann at Indiana 
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University and then corrected for the addition of the methyl group from methanol, as-
suming δ13Cmethanol = -25‰. 

Lipid extract were also used for compound-specific D/H analysis, performed at 
Caltech on a ThermoFinnigan Trace GC coupled to a Delta PlusXP IRMS via a Ther-
moFinnigan GC/TC pyrolysis interface operated at 1440°C. Three n-alkanes of known 
isotopic composition were co-injected with each sample. Two of these compounds (C17 
and C22) were used as reference peaks for the calibration of isotopic analyses, while the 
third (C23) was treated as an unknown to assess accuracy. Hydrogen isotope ratios are 
presented in the conventionalδDnotation as part-per-thousand (‰) deviations from 
Standard Mean Ocean Water (VSMOW).Data were normalized to the SMOW/SLAP iso-
topic scale by comparison to an external standard mixture containing 15 n-alkanes with 
δD values from -41‰ to -256‰ (Sessions et al., 2001). FAME δD values were cor-
rected for added methyl hydrogen by isotopic mass balance, with the δD value of methyl 
H derived from analyses of methylated phthalic acid of known isotopic composition 
(Sessions, 2006).     
 
RESULTS AND DISCUSSION 
Methanotrophic Potential 

Methanotrophic potential was studied in sites throughout the Southern California 
Borderland at sites described in Redmond et al., 2010, Mau et al., 2011, Pack et al., 
2011 and Heintz et al., 2012.   The relationship between oxidation rate and environmen-
tal conditions was investigated to understand controls on methanotrophy and to develop 
methane budgets valid at local and basin scale.  Here we present results from through-
out the SCB, including a comparison of our results from this work with results from a 
previous cruise – provided for reference. 

Depth profiles of methane concentrations for each of the 7 reference hydrocasts 
from 2010 are shown in Fig. 10a. Throughout the water column methane concentrations 
are above the saturation value expected for waters at atmospheric equilibrium. Concen-
trations in the upper 400 m range between 3-5 nmol L-1, with a subsurface methane 
maximum (7-15 nmol L-1) between 25-100 m. Elevated concentrations (10-100 nmol L-
1) in mid-waters (550-600 m) observed on casts 3b and 3c suggest that low-resolution 
sampling in this zone on other casts may have precluded the detection of a mid-water 
maxima. Below 700 m, methane concentrations range from 5-242 nmol L-1, and maxi-
mum concentrations occur at    ~ 800 m, near the depth of the crest of the pingo (Fig. 
11). Concentrations decrease between the pingo crest and the seafloor. Cast 5, located 
18 km away from the identified venting feature, shows elevated concentrations at both 
750 m (37.6 nmol L-1) and in the deepest sample collected (895 m, 18.0 nmol L-1). 
These observations indicate that methane maxima below sill depth are not limited to the 
immediate vicinity of the identified venting feature.  

 Depth profiles of methane concentrations for each of the 5 hydrocasts from 2009 
in the SMB are shown in Fig. 12a, and show similar trends to one another. Throughout 
the upper 700 m concentrations of methane are greater than the value expected for wa-
ters at atmospheric equilibrium. Concentrations are elevated in the upper 100 m, rang-
ing from 4.0-9.3 nmol L-1, but without the distinct spike in concentration observed be-
tween 25-100 m in 2007. At all stations, concentrations increase between 300-500 m to 
maxima of 7.5-8.8 nmol L-1 at Sta. 6, 7, and 10, and to 75 nmol L-1 at Sta. 9. Concen-
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trations gradually decrease between 500 and 700-800 m, and below 700 m concentra-
tions reach the background level of 3-5 nmol L-1 at most sampling locations. At south-
ern basin Sta. 6 and 7 a methane minimum occurs at 700 m, 50-100 m shallower than 
at the northern stations, and an increase in methane concentration (up to 33 and 5.3 
nmol L-1) is observed below this depth. Methane concentrations at SPB and SCtB sta-
tions (Fig. 13a) show similar trends to those in the SMB above their respective sill 
depths (737 and 600 m), although concentrations are generally lower. Elevated me-
thane concentrations are also observed in the mid-water column (350-600 m) in each of 
these basins. Below the SMB sill depth in the SCtB concentrations are at or below 
background (3-5 nmol L-1) levels. 
 Methane turnover times – July 2007– Depth profiles of turnover times for each of 
the 7 hydrocasts are shown in Fig. 10b. As a result of differences in sampling resolution, 
casts 3b, 3c, and 5 define the profile of turnover time through the upper and mid-water 
column, but limited data from casts 1, 2, 3a, and 4 match patterns observed in the high-
er-resolution casts (Fig. 10b). Relatively slow turnover times (0.5-3.5 years) are ob-
served at 25-50 m, in the same depth range as the subsurface methane maxima. Turn-
over times become more rapid between 50-100 m, and show a gradual slowing from 
around 100 days to 1.6 years between 100-500 m. Mid-water turnover times are longest 
at 500 m, just above the small mid-water (550-600 m) methane maxima observed on 
casts 3b and 3c. At 500 m, turnover times range from 0.76 years to 3 years, but with 
most (4 out of 6) samples showing a tighter range (1.5-1.7 years). Below 700 m (Fig. 
11) all samples show relatively rapid turnover times (17-65 days), and these are some 
of the most rapid turnover times yet reported in the marine water column. There is not a 
consistent relationship between methane concentration and turnover time in deep wa-
ters although, at Sta. 3a and 4, both concentration and turnover time decrease in the 
depth horizon at or above the venting feature (Fig. 11). This suggests a microbial re-
sponse to methane input and an effective drawdown of methane. Longer turnover times 
generally correspond with lower methane concentrations in waters deeper than the 
venting feature (Fig. 11).  

September 2009- Depth profiles of turnover times for each of the 5 hydrocasts in 
the SMB are shown in Fig. 12b. Depth profiles from the SPB and SCtB are shown in 
Fig. 13b. In all three basins, in the upper 100 m where concentrations are elevated and 
stable, turnover times slow from 0.1-0.2 years at 10 m to 1.5-2.2 years at 100 m. At 
250-300 m, where methane concentrations shift from a decreasing to an increasing 
trend, turnover times become more rapid (0.3-0.5 years at Sta. 6,7, and 9), but general-
ly are either stable or continue to grow longer below this narrow excursion.  At depths 
greater than 400 m, turnover time begins to gradually speed up towards the bottom of 
each profile, where the fastest times are observed (15-219 days). In the SCtB, turnover 
times in the upper 600 m are comparable to those in the SMB and SPB. Below 600 m 
the waters of SMB and SCtB are no longer connected, and SCtB turnover times contin-
ue to slow to a maximum of 3.3 years at 750 m and then increase to 1.7 years in bottom 
waters. The shape of the SCtB turnover time profile below 600 m is similar to that ob-
served in SMB and SPB deep waters, suggesting that this pattern is related to basin to-
pography. 
 Methane oxidation rates – Depth profiles of methane oxidation rates from 2007 
casts and 2009 casts are presented in Fig. 14a,b. Results from both expeditions show 



 

 38 

that methane oxidation rates in the SMB and SPB range over about an order of magni-
tude through the water column. In 2007, 90% of samples collected between 25-700 m in 
the SMB (n=36) have oxidation rates in the range 2-22 nmol L-1 yr-1. Below 700 m 
(n=21), rates range from 44-491 nmol L-1 yr-1. In 2009, samples collected between 10-
12 m (n=5) show elevated rates, between 23-101 nmol L-1 yr-1. Measurements made 
between 25-850 m in the SMB (n=80) fall into the range 1-12 nmol L-1 yr-1, with the ex-
ception of two deep water samples collected at Sta. 6 (850 and 890 m) with rates of 353 
and 366 nmol L-1 yr-1. Above the 600 m sill depth, oxidation rates in the SCtB are on 
the low end of the range observed in the SMB and SPB, and are significantly slower be-
low sill depth – ranging from ~ 0.6-2 nmol L-1 yr-1.  
 Fig. 15a shows the difference between 2007 and 2009 oxidation rates in the 
SMB. For comparison, the difference between the yearly averages from all samples at 
each depth, and the difference between 2007 and 2009 at the single station occupied 
both years (casts 5 and 6) are shown. There is a linear relationship (Fig. 15b) between 
the difference in the average methane oxidation rate and the difference in salinity be-
tween 50-250 m in 2007 and 2009 (y=0.052x-0.091, R2=0.99; n=5). The difference in 
both parameters decreases logarithmically with depth (Fig. 15c) (rox: y=248e-0.048x 
R2=0.95; S: y=230e-0.924x R2=0.99; n=5). This relationship is not explained by differ-
ences in methane solubility, (due to differences in temperature and salinity) between 
these two years.  
 Potential temperature, salinity, and oxygen - Fig. 16 shows annotated T-S dia-
grams with data from casts 5 and 6. Between 10–250 m there is a mixing zone of north-
ern waters, between 250-500 m there is a mixing zone of northern and southern water, 
between 500-750 m there is a zone of southern water, and below 750 m deep basin wa-
ters are relatively uniform and trapped by northern and southern sills. Oxygen concen-
trations observed in 2007 and 2009 generally match well (Fig. 17a), save for divergence 
of 0.2-0.4 mL L-1 between 100-200 m. In both casts water is suboxic at about 250 m. 
Comparative profiles (casts 5 and 6) of temperature and salinity in the upper water col-
umn are shown in Fig. 17 b,c. These profiles indicate that in both cases, the thermocline 
and pycnocline were present at 11-12 m, and that salinity was significantly lower above 
~150 m in 2009 (cast 6). T-S data from Sta. 5 and 6 are representative of what was ob-
served for all casts on each trip (hydrocast data not shown for all stations; available 
upon request).  
 Depth profiles of methane concentration and turnover time are remarkably similar 
between stations on each trip, and show both common and distinctive features between 
trips. For the purposes of this discussion the water column is divided into 4 horizons; 
upper waters (10-250 m), mid-waters (250-500 m), lower waters (500-700 m), and bot-
tom waters (>700 m). Each horizon corresponds to distinct T-S characteristics (Fig. 16).  
 Shallow regime (10-250 m)- The upper bound of this horizon is set by the shal-
lowest samples collected. The lower bound is defined by the 250 m transition point be-
tween northern waters of the upper water column and the mixing zone between north-
ern and southern waters in the mid-water column (Fig. 16). This transition occurs near 
the 26.6 σθ isopycnal, where the core of the CUC is often observed during summer 
months (Lynn and Simpson 1987).  

In 2009 (cast 6), lower salinities were observed at depths shallower than 250 m 
(i.e., at densities less than 26.5 kg m-3), and slightly (0.01-0.6°C) higher temperatures 
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were observed between 44-250 m (Figs. 16, 17 b,c). The difference in salinity above 
250 m, between sampling periods, indicates that in September 2009 there was a higher 
proportion of water sourced from the offshore CC (Fig. 16). The slightly higher tempera-
tures in 2009 initially appear contradictory to this interpretation, since the CC carries 
relatively cold waters, however these higher temperatures may be attributed to greater 
surface warming later in the season (September 2009 vs. July 2007), or may only ap-
pear relatively high as a result of an anomalously high proportion of relatively cold up-
welled waters in 2007. In fact, in 2007 upwelling was reported to be unseasonably 
strong throughout the spring (McClatchie et al. 2008).  

In July 2007 the upper waters are a mixture of CC water, saltier, colder, up-
welled-waters, and southern waters, circulated within the borderland by the CCC and 
SCE (Fig. 9a, Fig. 16). Dynamic height maps show that the SCE was present in the 
borderland during sampling in 2007 (McClatchie et al. 2008). The mixing of these wa-
ters in the borderland resulted in the observed difference in T-S characteristics between 
trips, shifting the 2007 curve toward higher salinities and lower temperatures.  

While methane concentrations in the upper 250 m are nearly the same in 2007 
and 2009, turnover times, and thus oxidation rates, are different. In 2007, between 50-
250 m, turnover times are faster (Figs. 10b, 12b) and oxidation rates higher (Figs. 14, 
15). The difference in average oxidation rate (Fig. 15b) decreases as T-S characteristics 
converge at about 250 m. These patterns reinforce the observation that different water 
masses were present in 2007 and 2009, and suggest that higher methanotrophic poten-
tial observed in 2007 is related to water mass character.  

We hypothesize that the difference in methanotrophic potential between the two 
distinct northern water mixtures observed in 2007 and 2009 is a result of their different 
histories and patterns of circulation within the borderland. The higher methanotrophic 
potential of 2007 may be due to the introduction of an active methanotrophic community 
from deep waters upwelled along the coast, or may be due to an increased residence 
time of northern waters in the methane-rich borderland region as they are re-circulated 
within the SCE. Lower methanotrophic potential in 2009 may be the result of low me-
thanotroph abundance in waters carried by the CC in the absence of seasonal upwel-
ling, or by the shorter residence time of waters in the borderland region, as they are 
transported through the area by the CCC rather than circulated within the area by the 
SCE. Competition with heterotrophic populations for nutrients, as suggested by greater 
O2 drawdown just below the depth of light penetration in cast 6 (Fig. 17a), is another 
potential contributing factor to diminished methanotrophic activity in 2009. These expla-
nations remain speculative.  

Although the physical processes discussed here, with regard to the CC system, 
operate on longer time scales and larger spatial scales than differences observed over 
periods of hours to days at a single station in Ward’s 1992 study, these results reinforce 
the conclusion that physical processes are an important control on methane dynamics 
in the upper water column of the SMB, and provide a broader seasonal and spatial 
perspective.  

While methane concentrations are similar between the current study and Ward’s 
1992 study, turnover times measured in the previous study were longer, ranging from 
non-detectable to a minimum turnover time of one year. A previous study where both 
14C and 3H tracers were used to measure oxidation rates in the Black Sea water col-
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umn showed substantial variability between these methods, especially in shallow waters 
(Reeburgh et al. 1991). However, in this study the two methods were not directly com-
pared on water collected at the same time. These authors (Reeburgh et al. 1991) con-
clude that the observed variability may be attributed to changes in the water mass sam-
pled as gyres drive lateral mixing over short time scales.  The difference between the 
rates observed in Ward’s study and in the current study may also be due to natural va-
riability in the upper water column of the SMB, but the discrepancy highlights the need 
for additional intercomparison of available techniques, as conducted by Pack et al. 
(2011) for the low-level 14C, accelerator mass spectrometry based technique.  The 
combined observations of long turnover times in Ward’s study and long turnover times 
associated with the 2007 sub-surface methane maxima (25-50 m) in this study (Fig. 10) 
suggest that there may be unidentified physical or biological inhibitory factors capable of 
limiting methane oxidation in the upper water column.    
 Mid-water regime (250-600 m) - This horizon is characterized by the mixing zone 
between northern and southern waters, an increase in turnover time with depth, and a 
mid-water methane maximum. In 2007 methane concentrations are consistently in the 
3-5 nmol L-1 range between 250-400 m with an increase in methane, variable between 
casts, between 450-600 m. In 2009 a more uniform increase in methane was detected 
below 250 m, with a maximum at 500 m (Fig. 12b). In 2007 and 2009 turnover times 
slowed between 250-500 m, and grew more rapid below the mid-water maximum. The 
maxima observed in both years are in the depth range over which maxima with similar 
magnitude were detected by (Ward and Kilpatrick 1993). Turnover times detected at the 
mid-water maximum in Ward and Kilpatrick’s (1993) earlier study fall into the range of 
those measured in this study.  

The detection of the mid-water methane maxima at stations throughout the SMB 
during three expeditions by Ward and Kilpatrick, and during both of our expeditions, 
leads to the conclusion that this feature is fed by persistent methane sources within the 
basin. Ward and Kilpatrick (1993) suggest that the source of the mid-water maximum is 
methane advected from the continental shelf through the suboxic water column. While 
there is no evidence contrary to this suggestion, at the time of their study the pingo had 
not yet been identified as a deepwater methane source.  

Based on the observations of (Paull et al. 2008) gas from the pingo or other such 
structures is another likely contributor to the mid-water methane maxima. These authors 
observed an acoustic disturbance at 550 m using 330 kHz scanning sonar on an ROV 
and confirmed, with video observations, that this disturbance was associated with a ris-
ing stream of bubbles from the pingo. The pingo is located in the hydrate stability zone, 
at 800 m water depth and temperatures less than 5°C (Sloan et al. 1998; Paull et al. 
2008). Thus, as bubbles emanate from the feature, they are able to develop hydrate 
skins that slow dissolution as they rise buoyantly through the water column (Brewer et 
al. 2002; Rehder et al. 2002; Rehder et al.  2009).  

Since only dissolved methane is available for methanotrophic consumption, rising 
bubbles with hydrate skins allow gaseous methane to escape microbial consumption 
within the effective biological filter developed in the lower water column of this basin. 
Hydrate-skinned bubbles from this, and potentially other sites, effectively bypass the 
depths of most effective methanotrophic consumption (Figs. 10b, 5b) and may contri-
bute to the basin-wide methane maxima at 500 m, in a zone with a less well-established 
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methane biofilter (Figs. 10b, 12b). However, the pingo is the largest, and one of the on-
ly, venting features yet observed in the SMB, so hydrate coated bubbles originating in 
deep waters likely are not the only source of methane to the 500-550 m maximum. 
Another potential source of methane is persistent seepage from basin walls at this 
depth, where sediment-hosted methane hydrate is also unstable.  

Although there is a persistent methane maxima near 500 m throughout the SMB 
(Figs. 10a, 12a), and also in the SPB and SCtB (Fig. 13a), turnover times are longer at 
this depth than at depths both above and below (Figs 10a, 12b, 6b). Oxygen limitation 
cannot explain the relatively slow turnover times observed in mid-waters, since more 
rapid turnover times are observed in bottom waters with less oxygen. We suggest that 
this depth zone may represent the transition point between top-down and bottom-up 
controls on methane dynamics.  

Above 500 m, as basin connections become increasingly constricted with depth, 
and the residence time of mixed layer waters grows longer, turnover times grow slower. 
In this depth zone the proportion of southern water increases with depth as northern 
and southern waters mix. However, an increasing proportion of southern water and the 
presence of a mixing zone above 500 m do not appear to be viable explanations for 
longer turnover times with increasing depth. Similar turnover times were observed in 
2007 and 2009 (Figs. 10b, 12b), despite a larger proportion of northern water mixing 
throughout the 250-500 m depth zone in 2007 (Fig. 16). 

Below 500 m, as basin connections continue shrink, and the residence time of 
southern waters grows longer, turnover times grow faster. Turnover times may be 
shorter in deeper waters as a result of increased residence time. Between 500-700 m, 
the size of the connections between the SMB and surrounding basins decreases (66.5 
km at 500 m, 37.5 km at 600 m, 9.5 km at 700 m), allowing less water to flow through 
the basin, and for less lateral mixing between basins. A longer residence time for waters 
in the lower water column may mean a longer residence time for methanotrophic popu-
lations in an area with consistent methane replenishment from methane sources at the 
seafloor. Sources of the basin-scale mid-water maximum and controls on methano-
trophic efficacy in the mid-water column remain to be fully elucidated.   
 Deep water regimes – The lower water column of the SMB can be divided into 
two zones; southern waters between 600-737 m and bottom waters below sill depth 
(737 m). Waters below sill depth are also southern in origin, but their long residence 
time in the restricted basin bottom changes their character, especially in terms of oxy-
gen and nutrient renewal and methane concentration.  In the zone between 600-737 m 
turnover times decrease with depth in both 2007 and 2009. This pattern may be caused 
by a growing or more active methanotrophic population with decreasing distance from 
methane sources at the seafloor. As mentioned above, the shorter residence time of 
southern waters with decreasing depth may also play a role, continually diluting and 
transporting the population away from methane source areas, and out of the basin. 
Turnover times grow faster with increasing depth in both 2007 and 2009, but at different 
rates. In 2007 turnover times are on the order of weeks by 700 m, while turnover times 
in 2009 do not fall into this range until 850 m. Broadly, this pattern reflects sampling of 
stations directly over the venting feature in 2007 and in other areas of the basin in 2009. 
However, turnover times in this depth zone are faster in 2007 (cast 5) than in 2009 (cast 
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6) at the station sampled during both expeditions, suggesting that there may be more to 
this trend than sampling bias.   

Below 750 m, flow is restricted by sills on the northwestern and southeastern 
ends of the basin. However, it has been shown that waters below sill depth in this basin 
are not stagnant (Hickey 1991; Hickey 1992), and that deep-basin anoxia is avoided as 
a result of slow, continuous, mixing with southern deep waters moving through the ba-
sin, and also as a result of periodic flushing of basin bottom waters (Bograd et al. 2002).  

Continuous influx of methane, and the long residence time of waters below sill 
depth enables development of an effective methanotrophic biofilter for dissolved me-
thane. In 2007, at stations near the venting feature, concentrations as high as 242 nmol 
L-1 were measured, along with background level concentrations. In 2009, at stations at 
a distance from the venting feature, background concentrations (3-5 nmol L-1) and con-
centrations below saturation were measured. Turnover times are rapid in both cases. 
These results suggest that a methanotrophic community is stimulated by restricted 
plumes of methane, and is able to retain a high level of activity throughout basin bottom 
waters.  

Physical controls – This study is the first to propose a direct link between micro-
bial methane consumption and specific physical environmental features in the marine 
environment. In the SMB methanotrophic activity appears to be strongly influenced not 
only by substrate availability but also by topography, and the history and circulation pat-
terns of the waters that host methanotrophic communities.  Similar factors are likely 
structure methanotrophic communities in other methane-replete settings. 
 
Microbial Communities and Stable Isotope Probing 

Stable isotope probing was used to investigate the methanotrophic community in 
both the deep waters of the Santa Barbara and Santa Monica Basins, as well as in shal-
low hydrocarbon seeps.  We use stable isotope probing (SIP) in two different ways.  
First was to identify the lipids of active methanotrophs in marine waters using methane 
concentrations near their ambient levels.  This work also enabled the comparison of 
carbon and hydrogen assimilation into the lipids of naturally occurring deep-water me-
thanotrophic communities. A second way we used stable isotope probing was to identify 
the DNA of bacteria actively consuming methane, ethane and propane in a shallow wa-
ter hydracarbon seep at Coal Oil Point. 

For the large volume (35L) SIP-lipid incubations, the lipids were extracted from 
filtered biomass that had been incubated for 3–5 days with 13C- and/or D-labeled me-
thane. The five surviving incubations, identified in Table 6, were extracted to yield 
FAME fractions that were analyzed using GC-MS and GC-IRMS. The most abundant 
lipids in all samples were 16- and 18-carbon monounsaturated (16:1, 18:1) and satu-
rated (16:0, 18:0) FA, accounting for >70% of the total FA (TFA) in all samples.  The 
16:1 FA were the most abundant, ranging from 40-45%TFA between samples. The 14:0 
FA was also relatively abundant, accounting for 10-20% of TFA.  Samples also con-
tained small amounts of 14:1 and 12:0 FA.  Values of δ13C for individual FA in the five 
samples are presented in Table 7. The control incubations (samples SB\13CO2\12CH4 
and SM\13CO2\12CH4) displayed little or no 13C enrichment in any FA analyzed, with 
δ13C values ranging from -24.4 ‰ to -30.7 ‰ in the Santa Barbara Basin, and -19.0 ‰ 
to -27.5 ‰ for the Santa Monica Basin (Table 7). These values are more depleted than 
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those previously reported for bulk organic matter in this region and are interpreted as 
background levels for the specific FA analyzed here. 

Substantial 13C enrichment was observed for individual FA in [13C]-CH4 incuba-
tions from both basins, compared to the control incubations. For the Santa Barbara Ba-
sin, the 16:1 FA for samples SB\13CH4\CH3D and SB\13CH4 showed the greatest lev-
el of 13C enrichment, with δ13C values exceeding 700‰ for each sample.  16:0 and 
18:1 FA were the next most enriched in both SBB [13C]-CH4 incubations, though nota-
bly the relative enrichment of these FA differs between the two samples (Table 7). Slight 
13C enrichments were observed in 14:0 FA in both SB\13CH4\CH3D and SB\13CH4; 
14:1 was only enriched in sample SB\13CH4\CH3D, not SB\13CH4. The sole [13C]-
CH4 incubation from the Santa Monica Basin (sample SM\13CH4\CH3D) exhibited 13C 
enrichment in 14:0, 16:0, 16:1, and 18:1 FA, but not in 18:0 FA (Table 7). As with sam-
ples from the Santa Barbara Basin, the most-enriched FA in sample SM\13CH4\CH3D 
was 16:1 FA (δ13C = 82 ‰).   

Values of δD for individual fatty acids are also reported in Table 7.  FA from the 
SB\13CO2\12CH4 and SB\13CH4 incubations were not enriched in D beyond previous-
ly reported background levels(Jones et al., 2008). Similar to the trend observed in 13C 
enrichments, 16:1 FA from SB\13CH4\CH3D had the largest D enrichment of any FA 
analyzed, while 16:0 FA displayed slight enrichment (Table 7).  14:0 and 18:0 fatty acids 
for this sample reflect background values for δD (Jones et al., 2008), whereas 18:1 FA 
displayed a slight enrichment of D. The SM\13CH4\CH3D incubation from the Santa 
Monica Basin showed a similar relative distribution of D label as for SB\13CH4\CH3D 
from the Santa Barbara Basin, with 16:1 FA being the most D-enriched. 16:0 and 18:1 
FAMEs in this sample were more D-enriched than previously reported background val-
ues. δD values obtained for all FA analyzed in the SM\13CO2\12CH4 incubation sample 
reflect expected background values.   

The uptake of isotope labels into fatty acids indicative of methanotrophs suggests 
that bacteria actively and vigorously consume methane in these deep ocean environ-
ments.  While the 13C-based technique used here has previously been employed to 
probe methanotroph DNA and lipids from terrestrial and marine sediments (Holmes et 
al., 1996; Hutchens et al., 2004; Redmond et al., 2010), DNA of methylotrophs in ma-
rine surface waters (Neufeld et al., 2008a; Neufeld et al., 2008b), and DNA of methano-
trophs from the Deepwater Horizon’s contaminated plumes (Redmond and Valentine, 
2011), we are aware of no published studies using SIP to probe lipids of natural metha-
notroph communities active at nanomolar methane concentration in deep oceanic wa-
ters.  Our results indicate that (aerobic) methanotrophy in the deep ocean is mediated at 
least in part by bacteria. Although our samples contained too little material for analysis 
of archaeal lipids our data for bacterial lipids are consistent with Bacteria as major con-
sumers of nanomolar-level methane in oxic marine systems. 
This study further provides a comparison of methanotrophic activity between two deep, 
silled basins along the southern California Bight.  The SBB and the SMB are 588 and 
905 m deep, respectively. Bottom waters are dysoxic (0.1 to 0.2 ml O2 L-1) with stable 
temperatures (SMB, 5.1°C; SBB, 6.5°C).  Methane in both basins is thought to be pri-
marily of biogenic origin, with methanogenesis observed at >2 m sediment depth. 
Thermogenic gas vents through faults and anticlines of the inshore shelf system in both 
basins but no venting of this nature has been observed below sill depth.  Exposed me-
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thane hydrates and at least two distinct authigenic carbonate structures venting biogen-
ic gas have been observed in the SMB (Paull et al., 2008), with one biogenic methane 
seep thus-far identified below sill depth in the Santa Barbara Basin (Hinrichs et al., 
1999).  High organic production and particulate flux (Crisp et al., 1979) in the Santa 
Barbara Basin may contribute to greater biogenic methane production in sediments 
there.  Methane is likely to accumulate in restricted bottom waters of both basins primar-
ily via diffusive flux through sediments (Martens et al., 1998), in addition to advective 
transport.   Based on the relatively rapid metabolism of methane observed at both loca-
tions, we hypothesize that the flux of methane into the restricted waters of the deep ba-
sins sustains growth of vigorous methanotrophic communities, with oxidation rates (Ta-
ble 8) indicating a more voracious community in the Santa Barbara Basin compared to 
the Santa Monica Basin. 

The distribution of 13C-enriched FA holds clues to the identity of the active me-
thanotrophs in these waters.  The largest 13C enrichments were observed in the 16:1 
FA in both the SBB and SMB with 16:0 and 18:1 FA also significantly enriched.  Figure 
18 shows the fractional abundance of 13C in individual FA as a percent of the total car-
bon or hydrogen in the major FAMEs analyzed.  In general, these lipid classes have 
been observed in both type I and type II methanotrophic bacteria as well as in non-
methane oxidizing methylotrophs (Guckert et al., 1991). The FA isomers 16:1(ω8c) and 
18:1(ω8c) are known biomarkers of type I and type II methanotrophs, respectively, and 
have been used to detect and quantify these groups in environmental samples (Boon et 
al., 1996; Guezennec and Fiala-Medioni, 1996; Nichols et al., 1987).  However, the 
16:1(ω7c) and 18:1(ω7c) FA isomers have been observed in both type I and type II me-
thanotrophs, though type II methanotrophs typically synthesize a greater proportion of 
the 18:1 isomer (Bodelier et al., 2009) with the converse true for type I methanotrophs 
(Guckert et al., 1991; Nichols et al., 1985). The greater 13C and D enrichment observed 
in 16:1 FA compared to 18:1 FA is consistent with proportions of these lipid classes ob-
served in type I methanotrophs (Guckert et al., 1991; Holmes et al., 1999; Knief et al., 
2003). 16:0 lipids have been observed in all strains of methanotrophs and methylo-
trophs, though in type I methanotrophs, they are less abundant than 16:1 lipids.  The 
transformation of isotopically-labeled methane into primarily 16:1 FA suggests that new 
lipids are formed by type I methanotrophs, though the action of novel type II methano-
trophs cannot be ruled out based on the data presented here. 

A primary concern in SIP studies is that cross-feeding of the isotope label con-
fuses primary consumers with secondary consumers, predators and autotrophs.  Our 
results show a clear signal for D incorporationin lipids that mimics the pattern for 13C 
incorporation (Figure 18), possibly avoiding cross-feeding because the amendments 
were only 60 nM in methane.  Our results also show no notable autotrophy from CO2. 
The clear signal for deuterium is largely attributable to its lower natural abundance 
compared to13C, but is tempered by several factors including the use of only a 25% la-
bel (e.g., CH3D), water as a source of lipid hydrogen (Sessions and Hayes, 2005; Ses-
sions et al., 2002), and a greater variability in ambient lipid D content relative to 13C 
(Table 7).  Nonetheless, the continued attenuation of excess D relative to excess13C 
provides a potential means to identify lipids or other metabolites produced by organisms 
cross feeding on methane-derived carbon. Methylotrophs are typically recipients of me-
thane’s carbon by cross-feeding (Hutchens et al., 2004; Kessler et al., 2011; Redmond 
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et al., 2010) as methanol is excreted in abundance by methanotrophs (Harwood 1972). 
We are unaware of any studies of hydrogen isotopes in lipids of methylotrophs, though 
water was identified as an important precursor for individual amino acids (Mosin et al., 
1996) and for RNA (Batey et al. 1996) in methylotrophs. Attenuation of deuterium in the 
metabolic products of methylotrophs may potentially distinguish methanotrophs from 
methylotrophs.  Alternatively, both groups may retain similar proportions of excess deu-
terium, in which case, deuterium attenuation could serve to distinguish methano-
trophs/methylotrophs from other cross-feeding heterotrophs for which a majority of lipid 
hydrogen seemingly derives from water (Wegener et al., 2012; Zhang et al., 2009). 
While the results presented here do not address this point directly, our observation that 
only 17-26% of lipid-bound hydrogen originated from methane supports the concept that 
a D label is likely to be strongly attenuated at each trophic level, and could be used to 
identify cases where 13C label uptake results from cross-feeding or carbon reincorpora-
tion by autotrophy. 

Our Stable isotope probing studies in hydrocarbon seeps were published in 2010 
(Redmond et al., 2010) and identify methanotrophs active in hydrocarbon seep envi-
ronments by linking methane-derived, isotopically enriched DNA to the sequence of the 
16SrRNA gene of the responsible bacteria.  

We were successful in identifying aerobic bacteria oxidizing gaseous hydrocar-
bons in surface sediment from the Coal Oil Point seep field, offshore Santa Barbara, 
California. After incubating sediment with 13C-labeled methane, ethane, or propane, we 
confirmed the incorporation of 13C into fatty acids (Figure 19 and Figure 20) and DNA 
(Figure 21). Terminal restriction fragment length polymorphism (T-RFLP) analysis and 
sequencing of the 16S rRNA and particulate methane monooxygenase (pmoA) genes in 
13C-DNA revealed groups of microbes not previously thought to contribute to methane, 
ethane, or propane oxidation. First, 13C methane was primarily assimilated by Gamma-
proteobacteria from the family Methylococcaceae, Gammaproteobacteria related to Me-
thylophaga, and Betaproteobacteria from the family Methylophilaceae (Figure 22). The 
latter two have not been previously shown to oxidize methane and may have been 
cross-feeding on methanol, but both were heavily labeled after just three days. pmoA 
sequences were affiliated with the Methylococcaceae, but most were not closely related 
to cultured methanotrophs (Figure 23). Second, 13C ethane was consumed by a novel 
group of Methylococcaceae. Growth with ethane as the major carbon source has not 
previously been observed in the Methylococcaceae; a highly divergent pmoA-like gene 
detected in the 13C-labeled DNA may encode an ethane monooxygenase. Third, 13C 
propane was consumed by a group of unclassified Gammaproteobacteria not previously 
linked to propane oxidation. This study identifies several bacterial lineages as partici-
pants in the oxidation of gaseous hydrocarbons in marine seeps and supports an alter-
nate function for some pmoA-like genes. 

This study also demonstrates the ability of SIP to identify previously unknown 
groups of methane-, ethane- and propane-oxidizing bacteria at a marine hydrocarbon 
seep, with distinct groups of bacteria found responsible for each process. These results 
have implications for our understanding of methane oxidation in marine environments. 
Novel groups of marine bacteria may contain monooxygenases related to those of ter-
restrial bacteria but with different substrate affinities, affecting our ability to detect them 
with common primer sets and to predict biogeochemical function based on the presence 



 

 46 

or absence of these genes. The multitude of hydrocarbon compounds present in seep 
environments could support a range of hydrocarbon-oxidizing bacteria, and relatively 
little is known about which organisms consume which compounds and under what con-
ditions. Further work, with both culturing and culture-independent techniques like SIP, is 
important to better understand these processes and their role in biogeochemical cycling.  
Importantly, these studies positioned us to conduct SIP studies in the Gulf of Mexico fol-
lowing the Deepwater Horizon incident, to follow up on the interaction of methanotorphy 
with other microbial processes such as ethanotrophy or propanotrophy. 
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Table 6: Incubation protocol for waters collected from the Santa Barbara and Santa Monica Ba-
sins.   
Sample IDa Incubation Substrate(s) Substrate Conc.b Incubation Time 
SB\13CH4\CH3D 13CH4 + CH3D 30 nM + 30 nM 5 days 
SB\13CO2\12CH4 13CO2 + 12CH4 60 nM + 60nM 4 days 
SB\13CH4 13CH4 60 nM 5 days 
SM\13CH4

c 13CH4 60 nM 4 days 
SM\13CO2\12CH4 13CO2 + 12CH4 60 nM + 60nM 3 days 
SM\13CH4\CH3D 13CH4 + CH3D 30 nM + 30 nM 4 days 
 

aSB = Collected from Santa Barbara Basin; SM = collected from Santa Monica Basin. 
bThe total volume for each incubation was 35 L.  
c Bag was punctured during incubation; isotopic results for this sample are not reported.   
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Table 7: Isotope measurements for six major fatty acid classes obtained from the five successful 
incubation experiments.  Isotope values are presented in per mil notation relative to VPDB for 
13C and VSMOW for D. -- = not determined. 

 
 
 
 
 
 
 
 
 
 
 
 

 C14:0     C14:1 C16:0         C16:1 C18:0 C18:1 
 δ13C δD δ13C δD δ13C δD δ13C δD δ13C δD δ13C δD 

SB\13CH4\CH3D -15.1 -105 -16.5 -- 17.5 47.0 731 3210 -22.8 -179 44.1 -30 

SB\13CO2\12CH4 -25.7 -- -29.6 -- -24.4 -101 -26.2 -92.1 -25 -198 -30.7 -- 

SB\13CH4 -12.0 -- -28.9 -- 58.4 -159 793 -126 -27.8 -183 13.2 -125 

SM\13CO2\12CH4 -25.1 -- -18.9 -- -27.5 -134 -26.2 -78.3 -26.9 -- -22.8 -- 

SM\13CH4\CH3D -18.5 -100 -- -- -4.60 -82.0 82.3 178 -27.5 -158 -14.1 -92.9 
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Table 8: Water column properties of sample water taken from Santa Barbara and Santa Monica 
Basins. 
Property SBB SMB 
Water depth (m) 575 875 
Salinity (psu) 34.3 34.4 
Temperature (°C) 6.5 5.1 
O2 concentration (ml L-1) 0.20 0.13 

Methane concentration (nM) 460 21 
Methane oxidation rate (nM d-1) 231 0.13 

 
 
 
 
 



 

 57 

 
 
Figure 9- (a) Southern California Bight and Borderland Basins; Santa Barbara (SBB), 
Santa Monica (SMB), Santa Cruz (SCB), Santa Catalina (SCtB), San Pedro (SPB). Ge-
neralized circulation patterns of the California Current system are shown (Hickey  1998). 
Black arrows show currents in the upper water column; California Current (CC), South-
ern California Eddy (SCE), California Countercurrent (CCC). White arrow shows lower 
water column flow of California Undercurrent (CUC) through the basin. Sampling sta-
tions from both expeditions are shown as small black dots. (b) Sampling stations in the 
SMB (1-10). Sta. 11 is located in the SCtB and Sta. 12 in the SPB. CI = contour interval. 
Maps generated with GeoMapApp (Ryan et al. 2009). 
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Figure 10 – Results from all hydrocasts conducted in the SMB in July 2007 (a) methane 
concentration - thin lines mark the 3-5 nmol L-1 basin-background methane concentra-
tion range. The methane concentration expected at atmospheric equilibrium at observed 
temperature and salinity is shown as a heavy solid line. Concentrations observed 
through the mid-water column on casts 3b and 3c are shown in the inset. (b) methane 
turnover time.  
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Figure 11 - Depth profiles of methane concentrations (nmol L-1) and turnover times 
(days) below 700 m at pingo transect Sta. 1-4. Pingo profile generated with GeoMa-
pApp (Ryan et al.  2009). 
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Figure 12 – Results from hydrocasts conducted in the SMB in September 2009 (a) me-
thane concentrations, thin lines mark the 3-5 nmol L-1 basin-background methane con-
centration range. The methane concentration expected at atmospheric equilibrium at 
observed temperature and salinity is shown as a heavy solid line. (b) methane turnover 
time. 
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Figure 13 – Results from hydrocasts conducted in the SCtB (11) and SPB (12) in Sep-
tember 2009 (a) methane concentration, thin lines mark the 3-5 nmol L-1 basin back-
ground methane concentration range. The methane concentration expected at atmos-
pheric equilibrium at observed temperature and salinity is shown as a heavy solid line. 
(b) methane turnover time. 
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Figure 14 - Methane oxidation rates nmol L-1 d-1 (a) in the SMB in July 2007 (b) in the 
SMB (6-10), SCtB (11) and SPB (12) in September 2009. 



 

 63 

 
 
 
Figure 15 - (a) Difference in oxidation rates between 2007 and 2009. Circles show the 
difference between the averages of all rates at each depth. Xs indicate difference be-
tween casts at the same location, 5 (2007) and 6 (2009). (b) Linear relationship be-
tween difference in salinity and difference in oxidation rate between 2007 and 2009 be-
tween 50-250 m. (c) Both salinity and oxidation rate show a logarithmic decrease with 
depth between 50-250 m. 
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Figure 16 – Annotated temperature – salinity diagrams for (a) cast 5 in 2007, and (b) 
cast 6 in 2009. Markers are at 25 m, 50 m, and then every 50 m to the bottom of each 
cast.  
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Figure 17 - Comparison between casts 5 (2007) and 6 (2009) (a) oxygen depth profiles 
show small divergence between casts at 100-300 m (b) upper water temperature 
(Temp.) profiles show the thermocline at 11-12°C in both years, (c) salinity profiles show 
divergence between casts above about 200 m. 
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Figure 18: Fractional abundance of 13C and D isotopes presented as percent composi-
tion of the six major lipid classes investigated for: A) SB/13CH4/CH3D incubation, B) 
SM/13CH4/CH3D incubation, and C) SB/13CO2/12CH4 incubation.  The Y-axis at left 
shows13C fractional abundance, corresponding to the black bars, and the Y-axis at right 
shows the D fractional abundance, corresponding to the gray bars.  The dashed-dotted 
line represents the value of F13CPDB with the corresponding value given on the left axis, 
and the dotted line below represents the value of FDSMOW, with the corresponding value 
on the right axis.   
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Figure 19.  (A) 13C enrichment of phospholipid fatty acids of 13Cmeth-ane (M), ethane 
(E),and propane (P) incubations and 12C controls in initial sediment (t0) and at final 
time points. The 16:1 and 18:1 isomers were not differentiated. The dashed line indi-
cates natural abundance levels of 13C. (B) Proportion of 13C incorporated into each fat-
ty acid. 
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Figure 20.  Mass spectra for the 16:1 fatty acid molecular ion peak, showing the extent 
of 13C labeling at the final time point of the methane, ethane, and propane incubations. 
The m/z values for the spectra span the full range from no 13C incorporation (m/z = 
268) to full 13C labeling (m/z  = 268 + 16 = 284). The spectra oriented upward corres-
pond to incubations with 13C labeling, whereas the inverted spectra correspond to con-
trol incubations with substrate lacking 13C labeling. Each spectrum is normalized to the 
height of its tallest peak. 



 

 69 

 
Figure 21.  Relative abundances of 16S rRNA sequences in clone libraries from heavy 
DNA (fraction 4 or 6 [noted as Heavy A or Heavy B] or both) from the three time points 
of the 13C methane, ethane, and propane incubations, selected controls (light DNA 
from the 13C incubations and heavy DNA from the 12C controls), and the initial sedi-
ment. Sequences were grouped using the RDP Classifier tool; “other” combines se-
quences that, classified at the order level, represented less than 5% of the clones in any 
individual clone library. Representative sequences from each of the groups indicated in 
methane, ethane, or propane oxidation are included in the phylogenetic tree in Fig. 22. 
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Figure 22. Neighbor-joining phylogenetic trees of the 16S rRNA gene sequences from 
groups involved in methane, ethane, or propane oxidation, based on their abundance in 
both the heavy DNA clone libraries and the heavy T-RFLP fractions, relative to light 
DNA and 12C controls. (A) Gammaproteobacteria; (B) Betaproteobacteria. Sequences 
from this study are shown in bold, with predicted MspI T-RF lengths in parentheses. 
Reference sequences from GenBank are shown with accession numbers in parenthes-
es. Filled circles indicate bootstrap values above 90% and open circles bootstrap values 
above 50% (2,000 replicates). 
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Figure 23.  Neighbor-joining phylogenetic tree of pmoA gene sequences from seep se-
diment (t0) and methane and ethane heavy DNA sequences, plus reference sequences 
from GenBank (accession numbers in parentheses). Only the divergent sequences from 
the ethane SIP sample are shown; others were identical to those in the t0 and methane 
SIP samples. Filled circles indicate bootstrap values above 90% and open circles boot-
strap values above 50% (2,000 replicates). The alphaproteobacterial pmoA and gam-
maproteobacterial amoA sequences are condensed for clarity. 
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Chapter 3. Pelagic Methanotrophy: Studies from the Gulf of Mexico 
 
Preface: The original scope of this award did not include research in the Gulf of Mexico.  
However, in April 2010 the sinking of the Deepwater Horizon and the ensuing discharge 
of methane and other hydrocarbons provided a ‘forbidden experiment’ that serves as 
analog to the massive release of methane expected from decomposing gas hydrate un-
der some ocean warming scenarios.  As a result, supplementation was provided to this 
award to investigate the efficacy of the methanotrophic biofilter during this event, related 
to Tasks 4, 5, 8, 10 and 11.  These efforts led to several publications in the peer review 
literature, with additional publications in preparation, as follows: 
 
Valentine DL (2010) Measure methane to quantify the oil spill. Nature 465: 421-421. 
Valentine DL, Kessler JD, Redmond MC, Mendes SD, Heintz MB, et al. (2010) Propane 

Respiration Jump-Starts Microbial Response to a Deep Oil Spill. Science 330: 208-211. 
Valentine, DL.  (2010) An opportunity to assess the behavior of methane released in the deep 

ocean. Fire in the Ice 10 (2)5. 
*Kessler JD, *Valentine DL, Redmond MC, Du MR, Chan EW, et al. (2011) A Persistent Oxygen 

Anomaly Reveals the Fate of Spilled Methane in the Deep Gulf of Mexico. Science 331: 
312-315. *Kessler and Valentine are co-first authors  

Redmond MC, Valentine DL (2011) Natural gas and temperature structured a microbial 
community response to the Deepwater Horizon oil spill. Proceedings of the National 
Academy of Sciences of the United States of America. Doi:10.1073/pnas.1108756108 

Ryerson T, Camilli R, Kessler J, Kujawinski EB, Reddy CM, et al. (2012) Chemical composition 
measurements quantify Deepwater Horizon hydrocarbon emissions and distribution in 
the marine environment. Proceedings of the National Academy of Sciences, USA. 
doi/10.1073/pnas.1110564109 

Valentine DL, Mezić I, Maćešić S, Črnjarić-Žic N, Ivić S, et al. (2012) Dynamic auto-inoculation 
and the microbial ecology of a deep water hydrocarbon irruption. Proceedings of the 
National Academy of Sciences of the United States of America. 
doi/10.1073/pnas.1108820109   

Redmond MC, PA Tavormina, VJ Orphan and DL Valentine (in preparation) Dynamics of 
Hydrocarbon Monooxygenase Genes in the Deep Ocean Following the Deepwater 
Horizon Spill. 

 
Summary:  The Deepwater Horizon mobile offshore drilling unit exploded and then 
sank in April, 2010.  This event led to a rupture of the well head and petroleum dis-
charged from the Macondo well for nearly three months.  The single most abundant hy-
drocarbon emitted was methane, followed by other hydrate-associated gases: ethane 
and propane.  The hydrocarbon gases and some fraction of the oil became trapped in 
the deep water where they became available for consumption by marine bacteria includ-
ing methanotrophs.  We investigated the dynamics methane consumption and methano-
trophic populations in the resulting deepwater blooms.  We found a succession of meta-
bolisms in which higher hydrocarbons including ethane and propane drove a majority of 
total respiration at the early stages of the bloom, followed later by methanotrophs.  Me-
thanotrophs were found to bloom with a greater lag than other hydrocarbon degraders, 
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and they appeared to bloom concurrently with methylotrophs, presumably due to cross 
feeding on methanol.  A coupled physical oceanographic-chemical-microbial model was 
developed to describe the observed variations in respiration rates, which revealed the 
regional scale of the methanotrophic response in the months that followed the event.  
All methane anomalies were found to be consumed within ~2 months of the last emis-
sions, providing one end member of the timeframe for consumption of a massive me-
thane discharge to the deep ocean. 
 
INTRODUCTION 

The oil spill at Mississippi Canyon block 252 following the sinking of the Deepwa-
ter Horizon was unprecedented because it occurred at 1.5 km water depth.  The slow 
buoyant migration of petroleum from this depth allows time for dissolution of volatile hy-
drocarbons (Yapa, L.K. et al. 2008; Dasanayaka and Yapa 2009; Camilli, Reddy et al. 
2010), including the natural gases methane (CH4 or C1), ethane (C2H6 or C2), and pro-
pane (C3H8 or C3), that would readily escape to the atmosphere if released in shallow 
water.  These gases may co-occur with oil in the water (Camilli, Reddy et al. 2010) or 
possibly fractionate from oil during ascent (Chen and Yapa 2004).  Based on the cumu-
lative discharge estimates reported by the US government through Aug 1, 2010 (USGS 
2010) and a gas-to-oil ratio of 3000 cubic feet per barrel (at atmospheric pressure), we 
calculate that 1.5×1010 moles of natural gas was emitted to the deep water over the 
course of the spill in addition to the oil.  We investigated the deep plumes of oil and gas 
over a four month period to better understand the microbial processes that affected oil 
and gas, with an emphasis on the methanotrophic biofilter. 

 
RESULTS AND DISCUSSION 
Experimental studies of gas metabolism and microbial community dynamics 

The Deepwater Horizon spill was the first to cause the concurrent release of oil 
and natural gas at great depth and the formation of deep-water oil plumes.  We first in-
vestigated the distribution, fate, and impacts of these hydrocarbons at 31 stations lo-
cated 1–12.5 km from the active spill site (Fig 24A) during the PLUMES (Persistent and 
Localized Underwater Methane Emission Study) expedition of the RV Cape Hatteras, 
June 11–21, 2010.   

In the vicinity of the spill, propane, ethane, and methane were most abundant at 
depths greater than 799 m and formed plume structures (Fig 24C) with dissolved con-
centrations as high as 8 µM, 16 µM, and 180 µM for the three gases, respectively.  
These gases were orders of magnitude less concentrated at shallower depths (Fig 
24C), confirming suggestions (Valentine 2010), results from a non-calibrated spectro-
metric survey (Camilli, Reddy et al. 2010), and models ((Yapa, L.K. et al. 2008; 
Dasanayaka and Yapa 2009) and references there in) that the vast majority of the ema-
nated gas dissolves or is otherwise partitioned (e.g., as gas hydrate) at depth, and re-
mains there.  We classify sites with >500 nM methane at >799 m depth as deep hydro-
carbon plumes.  The 500-nM threshold, roughly 20–50-fold greater than background le-
vels of methane in the Gulf of Mexico (Brooks 1975), is above the methane levels typi-
cally found around natural seeps (Valentine, Blanton et al. 2001; Grant and Whiticar 
2002; Mau, Sahling et al. 2006; Mau, Valentine et al. 2007; Reeburgh 2007).  We ob-
served deep hydrocarbon plumes at 29 of the 31 stations where methane measure-
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ments were made, and we collected 73 distinct plume samples from different depth ho-
rizons at these stations.  One persistent plume at 1000-1200m depth located to the 
southwest of the spill site (Fig 24C) was identified previously ((JAG) 2010; Camilli, 
Reddy et al. 2010; Schrope 2010).  We also identified separate plumes at similar depths 
to the north and to the east, as well as a distinctive shallower plume at 800-1000 m 
depth also located to the east.  The reason for having plumes in opposing directions 
presumably relates to complex current patterns in the area.  

Vertical casts revealed varying levels of oxygen depletion within the hydrocarbon 
plumes, as measured in situ with an oxygen sensor and confirmed onboard ship 
through Winkler titrations (Winkler 1888) of the sampled water (Fig 24B).  Apparent 
oxygen anomalies were calculated by subtracting the Winkler-derived values from an 
interpolated background profile; we take these anomalies as proxies for the extent of 
respiration.  The greatest oxygen anomaly observed from a titrated sample was 37.7 
µM, with greater anomalies observed at other locations by the sensor. 

The ratio of methane to ethane and propane varied substantially throughout the 
deep plumes. However, at the locations with highest hydrocarbon concentrations, the 
lower end-member values converged at 10.85 for C1/C2 (Fig 25A) and 19.8 for C1/C3 
(Fig 25B); we take these values to represent the ratio of methane to ethane and pro-
pane, respectively, at the plume origin.  Numerous locations display higher ratios, which 
we interpret as preferential loss of propane and ethane relative to methane, a pattern 
reported previously for biodegradation in hydrocarbon seeps (Kinnaman, Valentine et al. 
2007). Variation in the C2/C3 ratio (Fig 25C) further suggests preferential loss of pro-
pane compared to ethane, also an established biodegradation pattern (Kinnaman, 
Valentine et al. 2007).   

Because bacterial propane and ethane consumption occur with characteristic ki-
netic isotope effects (Kinnaman, Valentine et al. 2007), we measured the carbon isotop-
ic composition of both gases in deep plume waters to assess the extent of their biode-
gradation.  Samples with C1/C3 greater than 19.8 displayed a relative 13C-enrichment in 
propane.  Comparison of the 13C-propane enrichment to the fractional loss of propane 
(Fig 25D), determined from the C1/C3 ratio, indicates that biodegradation occurs with 
an isotopic enrichment factor (ε) of -6.3.   Determination of ε by this method is valid 
since ε is relatively small (< 20) (Gelwicks, Risatti et al. 1989; Gelwicks, Risatti et al. 
1994).  A similar analysis for ethane based on C1/C2 ratios provides evidence for bio-
degradation occurring with ε of -11.8.  Both values are similar to the minimum respec-
tive values of -5.9 and -11.2 determined from a previous mesocosm study (Kinnaman, 
Valentine et al. 2007).  These isotopic results demonstrate significant levels of propane 
and ethane biodegradation at many locations in the deep plumes, and the concordance 
of these measurements confirms the utility of gas ratios as a quantitative measure of in-
plume biodegradation.   

In order to assess the importance of ethane and propane as respiratory sub-
strates their loss patterns were compared with the observed oxygen anomalies.  Pro-
pane and ethane anomalies were calculated from their ratios to methane in reference to 
their source ratios and the ambient methane concentration, and these anomalies were 
normalized to oxygen equivalents assuming the stoichiometry of complete respiration.  
Regression of the observed oxygen anomaly against the propane anomaly (Fig 26A) 
yields a line of slope 1.71 and indicates that 58% of the oxygen anomaly can be linked 
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to propane.  A similar analysis for propane plus ethane indicates that 70% of the oxygen 
anomaly can be linked to respiration of these two gases (Fig 26A).  This result suggests 
that ethane and propane are the dominant respiratory substrates in the early develop-
ment of deep-water hydrocarbon plumes.  However, this relationship is expected to 
break down as plumes mature because propane and ethane are observed to be quanti-
tatively removed well before methane (Fig 25) and are presumed to be removed before 
less soluble n-alkanes greater than five carbons in length.  Once ethane and propane 
have been consumed, respiration rates are expected to drop; such a drop, when com-
bined with mixing, could account for the weak respiration signal (< 0.8 µM d-1) reported 
for the more distal SW plume horizon by other investigators (Camilli, Reddy et al. 2010).  
The residual oxygen anomaly not accounted for by propane and ethane respiration 
(~30%) presumably derives from other hydrocarbons.  Butane is expected to contribute 
significantly to this oxygen drawdown, as it is often similar in concentration to propane in 
thermogenic hydrocarbon gases, is relatively soluble, and is also readily biodegraded 
(Kinnaman, Valentine et al. 2007; Mastalerz, de Lange et al. 2009).  

The bacterial capacity for propane and ethane biodegradation was investigated 
by adding 13C-labelled substrate into freshly collected plume waters and monitoring la-
bel conversion to 13C-CO2.  Time series measurements conducted for one plume loca-
tion (Fig 25E and F) reveal an initial stage where product accumulates at a constant 
rate (Fig 25F), followed by a marked increase after 24 hours (Fig 25E).  We interpret the 
initial rate as the maximum potential rate of biodegradation by the basal population, with 
saturation of the population's enzymatic capacity leading to zeroth-order kinetic beha-
vior.  The later increase then indicates a growth or biosynthetic response by the micro-
bial community to the elevated substrate level.  This interpretation is supported by the 
observation that zeroth-order kinetic behavior occurs at high levels of added label, while 
higher-order kinetic behavior results from addition of smaller quantities of labeled sub-
strate.  Samples treated with mercuric chloride showed no appreciable production of 
13C-CO2, further confirming the biological nature of ethane and propane oxidation. 

Variations in consumption of propane and methane by the developing microbial 
community were assessed for different oxygen anomalies using 13C and 3H tracers, re-
spectively.  In all cases fresh duplicate plume samples were incubated in the dark near 
in-situ temperature with tracer for 24 h.  In methane measurements, 3H-CH4 tracer le-
vels were <2% of ambient methane, allowing for a direct calculation of methane oxida-
tion (Valentine, Blanton et al. 2001).  In propane measurements, the lower sensitivity for 
stable isotope analyses necessitated addition of large quantities of tracer, increasing 
total propane concentration substantially over ambient levels.  We consider only those 
propane tracer experiments (n=14) in which the addition was >4 times the ambient lev-
el, and consider the resulting rates from 24-h incubations to represent the maximum 
propane-oxidizing potential for the basal population.  Propane-oxidizing potentials were 
greater at locations with higher propane anomalies (Fig 27B), suggesting a priming ef-
fect wherein environmental exposure to propane induces increased propane-respiration 
capacity.  In comparison, methane oxidation rates were generally low in the plume hori-
zon, with a median value of just 10 nM d-1 (n=25), 1-2 orders of magnitude too low to 
account for the oxygen anomalies.  One plume location displayed an anomalously high 
methane oxidation rate of 820 nM d-1, with cumulative methane consumption weakly 
supported by this location having the most 13C-enriched methane (δ13C-CH4 of -58.5 ± 
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0.8‰; n=3) compared to all other locations sampled (δ13C-CH4 = -61.3 ± 2.2‰; n= 17).  
A paucity of ethane and propane at this location suggests extensive biodegradation, 
and comparison of methane oxidation rates to C1/C2 for all rate measurements reveals 
a positive exponential correlation (Fig 27A).  We interpret this relationship to reflect a 
slower substrate response and growth of methanotrophs relative to ethane degraders in 
the plume, though direct inhibition cannot be excluded.  Based on this result we suggest 
that the development of methanotrophic communities in deep hydrocarbon plumes is 
delayed with respect to that of ethane- and propane-consuming communities. 

To identify potential propane- and ethane-consuming bacteria active in the deep 
plumes, we collected and sequenced bacterial DNA from five locations containing dis-
tinctive propane and ethane anomalies.  A cloning-based survey of the 16S rRNA gene 
was dominated by several sequences related to known hydrocarbon degraders—
Cycloclasticus (Dyksterhouse, Gray et al. 1995; Geiselbrecht, Hedlund et al. 1998; 
Chung and King 2001; Maruyama, Ishiwata et al. 2003), Colwellia (Brakstad, Nonstad et 
al. 2008), and members of the Oceanospirillaceae (Hedlund, Geiselbrecht et al. 1999)—
indicating a low diversity bloom of hydrocarbon-oxidizing bacteria in the deep plumes. 
The plume closest to the wellhead had the highest levels of hydrocarbons and the least 
evidence for biodegradation, and yielded the lowest proportion of putative hydrocarbon 
degraders (52 %) relative to typical mesopelagic bacteria.  We take this location to 
represent an early developmental stage in the bloom of hydrocarbon oxidizing bacteria.  
The remaining four locations were each dominated by two or three clades of putative 
hydrocarbon degraders (Fig 26B), suggesting low bacterial diversity in the fresh plume.  
The low diversity is consistent with previous findings (Hazen, Holman et al. 2010), 
though different organisms appear dominant in these plumes.  The three locations for 
which the propane anomaly accounted for ≥50% of respiration were dominated almost 
exclusively by Cycloclasticus and Colwellia, whereas one location with a lower hydro-
carbon anomaly (42% of the oxygen anomaly) also contained other putative oil degrad-
ers related to the Oceanospirillaceae, similar to previously-observed sequences (Hazen, 
Holman et al. 2010).  Based on these results we suggest that the observed relatives of 
Cycloclasticus and or Colwellia are blooming as a result of their capacity to consume 
propane, ethane, and potentially butane, though not at the exclusion of other bacteria or 
metabolisms.  While Cycloclasticus is known for its ability to degrade aromatic com-
pounds, sequences observed here are 90% similar to putative ethane oxidizers identi-
fied by stable isotope probing (Redmond, Valentine et al. 2010), indicating the capability 
in this evolutionary lineage.  
  While there are many potential impacts of the deep hydrocarbon plumes in the 
Gulf of Mexico, we demonstrate a link between consumption of propane and ethane, 
oxygen utilization, and bacterial blooms.  We suggest that propane, ethane, and possi-
bly butane, provide a majority of the respiratory substrate feeding an initial bacterial 
bloom, with possible synergistic effects on the degradation of higher hydrocarbons, and 
a lag in the development of methanotrophic communities.  The extent to which various 
hydrocarbon substrates may feed respiration is dependent on their concentration and 
bioavailability, and can now be estimated from available data.  We estimate that me-
thane, ethane and propane released from the Deepwater Horizon leak will exert a bio-
logical oxygen demand in the deep plume horizon of 8.3 × 1011 g O2 for methane respi-
ration, 1.3 × 1011 g O2 for ethane, and 1.0 × 1011 g O2 for propane.  In comparison, as-
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suming that half of all chemical dispersion occurred subsurface, we calculate that the oil 
dispersed into the deep subsurface will exert a maximum biological oxygen demand of 
4.4 × 1011 g O2, based on recent US government estimates (USGS 2010) of both natu-
ral and chemical dispersion.  Based on these calculations we predict the persistence of 
oxygen anomalies in the deep plume horizon summing to ~1.5 ×1012 g of O2, with an 
accompanying transition in dominant respiratory substrates from propane and ethane to 
oil to methane. 

Based on chemical and isotopic distributions and on tracer studies conducted on-
site, we demonstrated that propane and ethane were primary drivers of microbial respi-
ration during the active spill, accounting for up to 70% of the observed oxygen depletion 
in fresh plumes.  We suggested that propane and ethane trapped in the deep water fed 
low-diversity bacterial blooms and rapid respiration, potentially priming the population of 
oil-degrading bacteria.  This propane- and ethane-dependent bloom phase was suc-
ceeded by slower respiration of methane and presumably oil in aging plumes.   
 In order to track the fate of methane we returned to the Gulf of Mexico in Sep-
tember and October, 2010, for a series of expeditions aboard the NOAA Ship Pisces.  A 
survey of over 100 stations  in the northern Gulf of Mexico revealed an extensive sub-
surface plume from the Deepwater Horizon – as identified by oxygen anomalies, the 
presence of chemical dispersant, and fluorescence indicative of aromatic hydrocarbons 
(Figure 28).  However, methane was absent from the plume, suggestive of consumption 
by methanotrophic bacteria.  An assessment of the microbial community indicated the 
community contained a high proportion of methanotrophic and methylotrophic bacteria 
(Figure 29).  To determine if the results were reasonable based on chemical and biolog-
ical considerations, and simple model was developed to interpolate the time course 
change in methanotrophic rate and population (Figure 30).  The rates and population 
needed by the model to explain results were within reason, based on observations from 
hydrothermal plumes and the basin studies discussed in Chapter 2. 

Taken together, the tracking of a hydrocarbon intrusion layer throughout the 
northern Gulf of Mexico, the paucity of CH4 in the affected waters a month or more after 
the hydrocarbon emissions had ceased, the magnitude of the DO anomaly relative to 
emitted hydrocarbons (Table 9), and the prevalence of a methanotrophic microbial 
community (Fig. 29) suggest that CH4 emitted from the Deepwater Horizon event was 
quantitatively consumed by August 2010.  Given the slow rates of methanotrophy ob-
served near the wellhead in June 2010 we suggest a bloom of methanotrophic bacteria 
occurred in these waters sometime between the end of June and the beginning of Au-
gust 2010, and that it likely occurred after affected waters had flowed away from the 
wellhead.  This assertion is supported by previous observations that rates of methano-
trophy increased as C2H6 was depleted in the hydrocarbon intrusions.   
 
Modelling of methanotrophic potential  

The irruption of gas and oil into the Gulf of Mexico during the Deepwater Horizon 
event fed a deep-sea bacterial bloom that consumed hydrocarbons in the affected wa-
ters, formed a regional oxygen anomaly, and altered the microbiology of the region.  To 
better understand these processes, we develop a coupled physical-metabolic model to 
assess the impact of mixing processes on these deep ocean bacterial communities and 
their capacity for hydrocarbon and oxygen utilization (Figure 31).  We find that observed 
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biodegradation patterns are well described by exponential growth of bacteria from seed 
populations present at low abundance, and that current oscillation and mixing 
processes played a critical role in distributing hydrocarbons and associated bacterial 
blooms within the NE Gulf of Mexico (Figure 32).  Mixing processes also accelerated 
hydrocarbon degradation through an autoinoculation effect, wherein water masses in 
which the hydrocarbon irruption had caused blooms later returned to the spill site with 
hydrocarbon-degrading bacteria persisting at elevated abundance (Figure 33). Interes-
tingly, while the initial irruption of hydrocarbons fed successive blooms of different bac-
terial types, subsequent irruptions promoted consistency in the structure of the bacterial 
community (Figure 32).  These results highlight an impact of mixing and circulation 
processes on biodegradation activity of bacteria during the Deepwater Horizon event, 
and suggest an important role for mixing processes in the microbial ecology of deep 
ocean environments. 
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Table 9.  Hydrocarbon emission estimates and oxygen removal potentials 
Hydrocarbon Quantity Emitted 

(moles) 
Stoichiometric Ratio 

O2:Hydrocarbon  
O2 Removing 

Potential 
(moles) 

Dissolved O2 
Removed 
(moles) 

CH4 0.91 – 1.25×1010 2:1 1.83 – 2.50×1010  
C2H6 0.85 – 1.16×109 3.5:1 2.96 – 4.05×109  
C3H8 4.60 – 6.28×108 5:1 2.30 – 3.14×109  
Oila as          

(-CH2-) 
0.93 – 1.00×1010 1.5:1 1.40 – 1.50×1010  

  Total 3.76 – 4.72×1010 3.00 – 3.90 ×1010 
a = only oil in the deepwater intrusion layers 
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Figure 24. (A) Locations of the sampling stations relative to the well head, overlaid on a Google 
Earth image of the site.  (B) Depth distribution for oxygen from station H-1 displaying the in-situ 
sensor data (solid line) and data from Winkler titrations (green circles).  (C) Contour plot of me-
thane concentration along a transect from H3 to H6.  Note the log scale. 
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Figure 25. (A) Variation in C1/C2 relative to methane concentration for all deep plume samples 
(CH4 > 500 nM).  (B) Variation in C1/C3 relative to methane for all plume samples.  All samples 
with C1/C3 > 10,000 are displayed with a value of 10,000.  (C) Variation in C2/C3 relative to 
ethane.  All samples with C2/C3 > 1000 are displayed with a value of 1,000.  (D) Comparison of 
the fractional loss of propane or ethane versus δ13C (n = 12 for propane; n = 16 for ethane).  The 
slopes of the linear regressions provide isotopic enrichment factors (Gelwicks, Risatti et al. 
1989; Gelwicks, Risatti et al. 1994) assuming a closed isotopic system.  (E) Time course change 
in δ13C of dissolved inorganic carbon after treatment of fresh 160 mL replicate samples with 
100µL of 13C propane or ethane and incubation in the dark near in-situ temperature.  Samples 
treated with mercuric chloride displayed no appreciable increase in δ13C-DIC.  (F) Blow up of 
panel E highlighting the first 24 hours. 
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Figure 26. (A) Comparison of the oxygen anomaly derived from Winkler titrations with norma-
lized hydrocarbon anomalies derived from variation in C2/C1 and C3/C1.  Results of linear re-
gression are provided (n= 36 for each regression).  (B) Results from DNA surveys for bacterial 
16SrRNA genes at five plume locations representing different levels of biodegradation. The 
numbers of clones sequenced for each location are as follows:  H10, 31; H2, 42; H15, 26; H5, 48; 
H24, 48.  OA is the oxygen anomaly; NPA is the normalized propane anomaly, NEA is the nor-
malized ethane anomaly, and ND is not detected. 
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Figure 27. (A) Comparison of potential propane oxidation rates measured by 13C tracer conver-
sion, with propane anomalies determined from the C1/C3 ratios in the source water.  All treat-
ments were conducted in duplicate (both shown; n=28) with fresh 160 mL samples incubated 
for 24 hours near in-situ temperature in the dark.  (B) Comparison of the effective pseudo first 
order rate constant for methane oxidation versus the extent of ethane loss relative to methane 
(C1/C2).   
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Figure 28. (A) Sampling stations overlaid on a Google Earth image highlighting the area of the 
intrusion.  Blue plus, red diamond, and white triangle symbols indicate sampling stations for the 
18 August – 2 September, 7 – 17 September, and 22 September – 4 October 2010, expeditions 
respectively.  The yellow and green boundaries indicate the extent of the contouring bounds as 
determined from the extent of the DO and fluorescence anomalies and bathymetric restrictions.  
(B) Contour plot within the yellow boundary of the vertically integrated DO anomaly at each sta-
tion using data from the 18 August – 2 September 2010 expedition.  Units are moles DO m-2. (C) 
Profiles of DO (SBE-43, Sea-Bird Electronics Inc.; red line calibrated with Winkler titrations) 
and fluorescence (UV AquaTracka (Emission = 360nm), Cheslea Technologies Group; black 
line).  The green circles represent Winkler titration samples.  Station PC198 (26.7098ºN, 
90.6286ºW).  
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Figure 29. Results from DNA surveys for bacterial 16S rRNA genes representing changes in 
community structure associated with oxidation of CH4 in samples collected from 7-17 Septem-
ber 2010. Stations are shown from left to right in order of decreasing reductions in DO.  Sta-
tions 192, 222, 230, and 211, had DO and fluorescence anomalies (integrated oxygen reduc-
tions of 1.1, 0.7, 0.5, and 0.1 mol/m2, respectively), while stations 191, 242 and 203 did not (in-
tegrated oxygen reductions <0.00001 mol/m2). Methylotrophs (Methylococcaceae, Methylo-
phaga, and Methylophilaceae) are indicated by shading. The “Other” category includes groups 
observed at <5% in all samples, predominately Acidobacteria, Actinobacteria, and Verrucomi-
brobia. n = 56 – 79 per station for a total of 492. 
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Figure 30. Model results from a one-dimensional time-dependent model of (●) average DO 
anomaly from CH4 respiration (μM reduction in the intrusion layer), (□) average CH4 concentra-
tion (μM), and (×) first-order CH4 oxidation rate constants (days-1) in the intrusion layers.  La-
bels (A) – (D) on the figure represent measured values.  (A) Avg CH4 Concentration = 25 μM 
(range = 0.57 – 183 μM; n = 73), 11-20 June; (B) Avg CH4 concentration = 1.43 ± 2.00 nM (n = 
671), Avg CH4 oxidation rate constant = 0.0015 days-1 (range = 0.0005 – 0.0038 day-1, n = 10), 7-
17 September; (C) Avg CH4 oxidation rate constant = 0.001 day-1 (range = 0 – 0.0127 day-1, n = 
22 minus one outlier), 11-20 June; (DM) Max Dissolved O2 Anomaly = 36.7 μM, (DA) Avg Dis-
solved O2 Anomaly = 5.6 ± 5.8 μM (n = 202), 18 August – 4 October, 2010. 
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Figure 31.  An analysis of the autoinoculation effect through comparison of two water parcels 
with single (red) and double (blue) exposure histories.  A) Trajectories of two water parcels for 
150 days starting April 23, 2010.  B) The time-course of cumulative hydrocarbon input to the 
parcels. C) The time course of hydrocarbon flux into the two parcels.  D) Time course of dis-
solved oxygen concentration in the parcels, attributed to hydrocarbon respiration.  E) Time 
course of respiration rate linked to methane consumption in the two parcels, F) Time course of 
bacterial growth for organisms consuming methane (Met and Met’). G) Time course of respira-
tion rate linked to consumption of 25 non-methane hydrocarbons in the two parcels, H) Time 
course of bacterial growth for organisms consuming 25 non-methane hydrocarbons (Excludes 
Met and Met’). Units for bacterial abundance are shorthand for µmol-C L-1. 
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Figure 32.  Comparison of microbial community dynamics in water parcels with different expo-
sure histories, all starting April 23, 2010.  A) Time-course change in hydrocarbon flux (red) and 
respiration rate (blue) shown at top, dissolved oxygen concentration (red) and bacterial abun-
dance (blue) shown at middle, and the relative composition of the microbial community shown 
at bottom, for a parcel experiencing a single exposure.  B) Time-course changes as described for 
panel A, for a parcel experiencing a triple exposure.  C) Time-course changes as described in 
panel A, for a parcel experiencing a double exposure.  D) Tabulated legend identifying the 
OMTs, their putative phylogenetic affiliation, and their ecosystem function.  
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Figure 33.  Impact of recirculation on hydrocarbon abundance, bacterial population, and meta-
bolism.  A and B)  Spatial distribution of bacterial abundance prior to (A) and during (B) the ear-
ly stages of an autoinoculation event. C) Time course change in average abundance for bacteria 
consuming non-methane hydrocarbons, and the average summed concentration of these 
chemicals integrated over the computational domain. D and E) Spatial distribution of hydrocar-
bon respiration rate prior to (D) and during (E) the early stages of the same autoinoculation 
event.  F) Time course change in the average respiration rate for bacteria consuming non-
methane hydrocarbons, integrated over the computational domain.  Because the size of the 
computation domain is 2o lat × 2o lon, a small number of parcels exit the domain near the end 
of the simulation. 
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CONCLUDING REMARKS: 
 

The focus of the current research program was to provide a greater understanding of 
the role methanotrophy plays in preventing methane release from gas hydrate to the 
environment.  The results from this research contribute significantly to achieving this 
goal.  Through the combination of oxidation rate measurements, stable isotope probing 
of active metabolism and molecular microbiological analyses of methanotrophic genes 
we were able to demonstrate the importance of type I methanotrophic bacteria as con-
sumer of methane released into deep ocean waters of the Pacific Ocean and the Gulf of 
Mexico.  Similarly, we used these same techniques to show that similar bacteria also 
inhabit filamentous microbial mats that exist in areas where methane seeps at the sea 
floor, and can actively metabolize dissolved methane that reaches the mat. 

These efforts contribute substantially to our understanding of methane’s fate when 
released from hydrates, but raises a new set of questions as to the environmental and 
biological controls on methanotrophy.  Issues of future concern are considered below 
within the context of the conclusions from the present study.   
 

1) Our studies in the Santa Barbara Basin, Santa Monica Basin and the Gulf of Mex-
ico demonstrate that marine methanotrophs are dynamic in their ability to respond 
to methane inputs, even under suboxic conditions.  In our studies to date we have 
encountered two fundamental limitations for aerobic methanotrophs: their sub-
strates, methane and oxygen.  However, there may be distinct limitations faced by 
methanotrophs in other settings, such as nutrient limitation that prevents growth.  
Nutrients that inhibit methanotrophs are likely to include nitrogen, phosphorus, iron 
and possibly copper.  Addressing the issue of nutrient limitation will be important 
for our ability to predict efficacy of the aerobic methanotrophic biofilter for a given 
geographic setting.   

2) Our studies in Pacific hydrocarbon seeps and in the Gulf of Mexico have identified 
marine methanotrophs active in these systems as relatives of Methylococcaceae, 
though not at the exclusion of other lineages.  A greater understanding of these 
bacteria would be useful in understanding the dynamics of the methanotrophic bio-
filter.  Several directions are likely to be useful including both environmental and 
laboratory studies.  Isolation and cultivation approaches would provide great in-
sight to metabolic capabilities and patterns.  Environmental studies might provide 
ecological and biogeochemical insights as to how these bacteria acclimate to the 
dynamic methane hydrate environment.  Importantly, we retained samples that 
might allow for genome sequencing of single cells from environmental samples col-
lected in the methane plume arising from the Deepwater Horizon incident.  These 
samples were preserved for cell sorting and single cell genome amplification.  
Thus far we have sorted and amplified from one other sample, from which we am-
plified the genomes of over 100 isolated cells.  From a second sample we antic-
ipate being able to amplify and sequence the genomes of several ecotypes of ma-
rine methanotrophs.     

3) Our research on microbial mats has shown clearly that marine methanotrophs oc-
cupy mats when methane is present.  We know the identity of bacteria involved, 
but our knowledge of their efficacy in-situ is incomplete.  It is clear from our labora-
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tory studies that mats metabolize methane at a relatively slow rate compared to the 
ebullition in a major seep field – suggesting they are ineffective filters in this envi-
ronment.  What is not clear though is their efficacy in environments where the up-
ward flux of methane is diffusive or advective – but where concentrations are insuf-
ficient to force gas to exsolve and bypass the benthic biofilter.   

4) Our studies focused on three geographical areas: the Pacific margin of North 
America, the Eastern Tropical North Pacific and the Gulf of Mexico (as well as one 
lacustrine study in the Alaskan Arctic).  What remains unresolved is the extent to 
which our observations can be applied to other waters such as the Atlantic and 
Arctic Oceans.  Some of our observations should readily translate, but the Arctic 
Ocean in particular has other characteristics such as sea ice and a fresh water cap 
that may modulate methanotrophic activity.   

5) Our present results demonstrate that hydrocarbon gases besides methane (i.e., 
ethane, propane and butane) are also readily consumed by marine bacteria when 
released to the ocean.  Because gas hydrate accommodates these gases in addi-
tion to methane, it is important to study the dynamics of these gases to understand 
their impacts on the methanotrophic biofilter and their impacts on the environment.  
Factors that remain unknown include: the nature and extent of competition be-
tween methanotrophs and bacterial consumers of ethane, propane and butane; the 
potential for inhibition of methanotrophs by these gases or the bacteria that con-
sume them; indirect impacts of these gases on the microbial community such as by 
altering predation patterns; and the selectivity of methanotrophs for methane ver-
sus an analog like ethane.   

6) Our results show a clear bloom of marine methanotrophs upon the addition of me-
thane to various waters, and our results further indicate that methane’s carbon is 
rapidly transferred from methanotrophs to secondary consumers including methy-
lotrophs.  Methylotrophs presumably cross-feed on methanol excreted by metha-
notrophs, but the importance and details of this interaction remain undefined.  In 
order to understand the ecology of methane oxidation in the ocean (which would 
improve our predictive capability for the methanotrophic biofilter) these critical 
trophic relationships need to be defined and studies conducted to determine the 
sensitivity of methanotrophy to the interaction between primary consumers, sec-
ondary consumers, and predators. 

7) Our collaborative results from ice-covered lakes in the Arctic indicate a high me-
thanotrophic potential, even under suboxic/anoxic conditions that accompany ice 
cover.  Iron concentrations appear to be elevated in this system and results sug-
gest a linkage between methanotrophy and reduction of iron (III), presumably to 
iron (II).  The anaerobic oxidation of methane with iron (III) as oxidant has been 
suggested in marine sediment and in other saline systems, with evidence remain-
ing equivocal.  The extent and nature of interactions between methane and iron is 
important for understanding the fate of methane from thawing permafrost that ac-
cumulates in Arctic lakes under conditions of ice cover.      

8) Our results from gas hydrate sites offshore California suggest that biogenic me-
thane venting from the sea floor within the gas hydrate stability field dissolves into 
the ocean water near the top of the stability field, consistent with previous studies.  
This contrasts to the Gulf of Mexico where thermogenic gas and gas/oil seeps ap-
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pear to survive transport to shallow depths near the mixed layer.  Such variability in 
the depth of dissolution is likely to have impacts on the efficacy of the methano-
trophic biofilter as methane is more likely to escape from the mixed layer depth 
than from the top of the gas hydrate stability field.  The biological response at 
these different depths may also be distinct and serves as an important target for fu-
ture investigations.  
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